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ABSTRACT
Microbial-Derived Oils and Value-Added Products: Biosynthesis and Applications for
Biofuel Production
by
Alex T. McCurdy, Doctor of Philosophy
Utah State University, 2015
Major Professor: Dr. Lance C. Seefeldt
Department: Chemistry and Biochemistry
Efforts are being made to replace petroleum-derived fuels with biofuels in a cost
competitive manner. It is apparent that the continued use of petroleum is futile as
population and technological growth put increasing pressure on the demand for cheap
energy and chemicals. Diminishing resources, civil unrest in the Middle East, and the
impact of using petrochemicals on the environment are critical driving forces for research
in generating renewable petroleum replacements that can be produced with a limited
carbon-footprint. Today, biofuels are derived mostly from land-based plants, but their
potential for displacing petroleum is limited due to the competition with available
farmland used in food production as well as their relatively slow growth rates.
Microorganisms as single-cell factories for the production of biofuels have a promising
outlook since they do not compete with the food and feed supply and they lack the
necessity of arable land used in cultivation. Viable biofuel production hinges upon
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obtaining sufficient biofuel yields, lowering the costs of processing, production of valueadded products, and real-life evaluation of the produced fuels.
Herein, the current understanding of microbial biochemistry as well as new
findings in the role of ATP citrate lyase in lipid accumulation in oleaginous yeasts will be
discussed. Also, description of a novel two-step process that generates biodiesel blends
from oleaginous microbes will be given. To facilitate the viability of microbial biofuel
production, concomitant production of heterologous lactoferrin using Kluyveromyces
lactis will be described. Lastly, the real-life evaluation of these microbial biofuels in a
diesel engine is reported. The focus of this dissertation will be directed towards
addressing the issues related to microbial biofuel production in order to facilitate the
viability of biofuel production such that petroleum use can be displaced by more
renewable and clean methodologies.
(204 pages)
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PUBLIC ABSTRACT
Microbial-Derived Oils and Value-Added Products: Biosynthesis and Applications for
Biofuel Production
by
Alex T. McCurdy, Doctor of Philosophy
Utah State University, 2015
Major Professor: Dr. Lance C. Seefeldt
Department: Chemistry and Biochemistry
Efforts are being made to replace petroleum-derived fuels with biofuels in a cost
competitive manner. It is apparent that the continued use of petroleum is futile as
population and technological growth put increasing pressure on the demand for cheap
energy and chemicals. Diminishing resources, civil unrest in the Middle East, and the
impact of using petrochemicals on the environment are critical driving forces for research
in generating renewable petroleum replacements that can be produced with a limited
carbon-footprint. Today, biofuels are derived mostly from land-based plants, but their
potential for displacing petroleum is limited due to the competition with available
farmland used in food production as well as their relatively slow growth rates.
Microorganisms as single-cell factories for the production of biofuels have a promising
outlook since they do not compete with the food and feed supply and they lack the
necessity of arable land used in cultivation. Viable biofuel production hinges upon

vi
obtaining sufficient biofuel yields, lowering the costs of processing, production of valueadded products, and real-life evaluation of the produced fuels.
Herein, the current understanding of microbial biochemistry as well as new
findings in the role of ATP citrate lyase in lipid accumulation in oleaginous yeasts will be
discussed. Also, description of a novel two-step process that generates biodiesel blends
from oleaginous microbes will be given. To facilitate the viability of microbial biofuel
production, concomitant production of heterologous lactoferrin using Kluyveromyces
lactis will be described. Lastly, the real-life evaluation of these microbial biofuels in a
diesel engine is reported. The focus of this dissertation will be directed towards
addressing the issues related to microbial biofuel production in order to facilitate the
viability of biofuel production such that petroleum use can be displaced by more
renewable and clean methodologies.
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CHAPTER 1
INTRODUCTION
Current sources of energy are unsustainable. According to the US Energy
Information Administration, 79.8% of the energy consumption in the United States is met
by the use of fossil fuels. An additional 8.3% is generated by nuclear energy that is also a
nonrenewable energy source (1). The use of fossil fuels has caused immediate
environmental and ecological effects as well as contributed to a vast increase in
greenhouse gas carbon dioxide levels. As of 2014, levels have reached as high as 400
ppm which is the highest observed in the last 800,000 years (2). Concomitant with rapid
increases in carbon dioxide levels, global temperatures have risen ~0.7oC since 1951 (3).
It is the correlation between increasing rates of greenhouse gas emissions (GHG) and
global temperatures that will bring about significant changes to the environment and
subsequently, our lifestyle.
The search for renewable forms of energy to displace fossil fuels is a constant and
ongoing process. The field of alternative energy is brimming with new technologies
driven by the desire to produce energy that is not constrained by diminishing resources
and the corresponding effects on the environment. The United Nations (UN) has recently
outlined an initiative to limit global warming temperatures to 2oC that could prevent
major climate change and its consequences. This proposal would require energy
consumption derived from 30% renewable and carbon-free sources by 2030 (4).
Currently, the amount of renewable energy production has risen to about 9.4%, which is

2

Table 1-1: Percentage of US energy consumption from various energy sources
Sustainability
Non-Renewable

Renewable

Primary Energy Source
Fossil

Energy Carriers

% US Energy Consumption

Electricity

45.7

Fuel Oils

36.3

Nuclear

Electricity

8.5

Solar

Electricity

2.6

Biomass

2.0

Geothermal

Electricity

0.3

Tidal

Electricity

3.3

Wind

Electricity

1.2

derived from primary energy sources including: solar (4.6 %), geothermal (0.3 %), tidal
(3.3 %), and wind (1.2%) (Table 1-1). Solar energy can be utilized either for electricity
generation (thermal or photovoltaic) or for biomass production which can transform the
solar energy via photosynthesis into chemical bonds. That biomass can then be used for
electricity generation via common electro-mechanical generators driven by steam or for
production of biofuel that can be directly used in internal combustion engines. However,
very few of these concepts if any have the capacity to be both compatible with the current
energy demand infrastructure and the ability to be price competitive with fossil fuels (5).
An appealing source of accessible and abundant energy that remains relatively
untapped is sunlight. The total annual energy consumption of the entire planet (4.1 x 1020
J) can be met by the energy that hits the surface of the earth from the sun in an hour (4.3
x 1020 J). The caveat of this abundance of energy is that it is diffuse and transient;
therefore developing means of concentrating this energy and storing it are major
complications in the utilization of solar energy (6). One appealing approach to
harvesting solar energy is electricity production via photovoltaics (PV). Solar panels’
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semiconductors can generate a direct current via the photovoltaic effect produced from
solar radiation. PVs are able to capture energy derived from sunlight with high efficiency
(nearly 40%) and directly convert it into electricity (7). Major advancements have
brought down the costs and increased the efficiency of solar panels as well as other
renewable energy technologies such as geothermal, tidal, and wind. However, storage of
this energy has been the major hindrance in the adoption of these technologies (6).
Electricity may be stored in batteries, but they are limited due to their inherent low
volumetric and gravimetric energy density, which translates to the requirement for vast
amounts of space and materials for energy storage. Currently, the best batteries (lithiumion) are able to store 0.54 MJ kg-1 (8). To put this into perspective, the energy density of
diesel fuel is approximately two orders of magnitude more than the energy density of
even state-of-the-art batteries. This inherent limitation makes the utilization of batteries
for energy storage cost-prohibitive due to the large amount of expensive materials
required in their use. Therefore, it is prudent to develop a more effective and feasible
means of both energy capture and energy storage.
Of the total US energy consumption, 35.3% is derived from petroleum, which is
predominantly used to generate liquid fuels for the transportation sector. The largest
source of fossil fuel today is derived from petroleum, mostly for use in the transportation
sector (1). Many alternative energy sources today including photovoltaics, wind, and
geothermal are only directly capable of generating electricity which is incompatible with
the current infrastructure utilized in the transportation sector. The source of energy in
this sector is almost exclusively liquid fuels, which have a high energy density thereby
facilitating their use in the internal combustion engine (5).
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In contrast to the low energy density of electricity from other renewable sources,
biologically derived liquid fuels, or biofuels, can be produced by utilizing byproducts of
metabolism from either native or genetically modified organisms. Biofuels produced
from energy dense lipids or byproducts of fermentation may be produced from reduced
carbon compounds derived either directly or indirectly from the photosynthetic fixation
of carbon dioxide. Biofuel feedstocks from phototrophic organisms such as plants or
microalgae directly fix carbon dioxide, whereas heterotrophs such as yeast or bacteria,
may be grown utilizing sugars derived from phototrophs, thereby producing the biofuel
indirectly from carbon dioxide. In either case the utilization of carbon dioxide to produce
a biofuel reduces the carbon-footprint of the biofuel’s overall life cycle (5). Several
approaches producing renewable liquid fuels biologically have already been developed
and demonstrated on a large scale. For example, the blending of gasoline with ethanol
derived from the fermentation of corn sugars has increased three-fold since 2005 (9).
Similarly, the frequency of blending soybean biodiesel with petroleum diesel fuel has
recently been increased to supplement for fuel lubricity due to federal regulations
reducing diesel sulfur content in 2007 (10). However, the aforementioned feedstocks are
generally used in food production, which limits the applicability of current biofuel
sources ever completely replacing petroleum. In fact, from existing biofuel feedstocks,
the displacement of petroleum fuels would not only require all land currently utilized in
agriculture, but much of the area of the entire United States (11). Even at only 4% of US
energy consumption, utilizing biofuels has driven up corn prices by 22% and soybeans by
15%, as well as the numerous foods that depend on these sources such as dairy, meat, and
poultry (9).
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One mass produced biofuel is biodiesel. Biodiesel production has been
demonstrated from various feedstocks including oils derived from land-based crops,
microbes, and waste grease (10). Chemically, biodiesel is composed of fatty acid alkyl
esters which are most commonly produced by either acid or base-catalyzed
transesterification of glycerolipids and fatty acids using short chain alcohols as shown in
Figure 1-1 (13). Biodiesel is largely produced from vegetable oil, most commonly from
soybean oil in the U.S. This triglyceride oil is mostly a byproduct from soybeans. The
more valuable product protein derived from soybeans is the meal, which is integrated into
many types of food and animal feed. Biodiesel produced from soybean oil does not
interfere with obtaining the major product (protein) from the soybean meal. Proposed
cuts in the Renewable Fuel Standard will severely limit the growth of biodiesel in the
U.S. Biodiesel has nearly 90% the energy density of diesel fuel, can be used directly in a
diesel engine without prior blending, and can be produced from various oil feedstocks
(14). Even with the many benefits, displacing significant quantities of diesel fuel with
biodiesel has been limited by current oil feedstock production that is compounded by
governmental regulations thereby hindering continual growth. Given the economic
impact and limitations of current biofuels, it is necessary to consider more efficient
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Figure 1-1: The transesterification reaction. TAGs are reacted with an alcohol via
acid or base catalysis to produce fatty acid alkyl esters (biodiesel) and glycerol.

feedstocks which do not compete with the food and feed supply and which can produce
fuels that are more compatible with current fuel infrastructure.
Extraction, Processing, and Purification of Triglyceride Oils
Processing and purification of triglyceride oils for food and fuel production is
energy and cost intensive. The most common oil feedstocks are oilseeds such as
soybean, palm, sunflower, rapeseed, cottonseed, and peanuts. Current infrastructure
available would likely necessitate microbial oils to be processed in much the same
manner as traditional oils. Common contaminants from triglyceride oils that must be
removed are water, partial glycerides, sterols, phospholipids, oxidation products,
pigments, and trace elements (15).
A number of extraction techniques have been performed with both traditional
oilseeds and microbial biomass. Due to the size of the triglyceride droplets, most of the
oil from oilseeds can be obtained by mechanically pressing the seeds. One of the most
discussed examples is how extra virgin olive oil is obtained by using a cold stainless steel
press without the use of organic solvents thus giving it the name “extra virgin.”
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However, due to the inherent difficultly associated with oil pressing of soybeans, solvent
extraction with hexane in conjunction with pressing is often performed. Oil extraction
from microorganisms is much more difficult due to the size of the lipid droplets making it
too difficult to liberate using standard mechanical press mechanisms, however screw
presses have shown some promise.
Oil extraction from microorganisms has been a centerpiece for microbial biofuel
research for some time. In contrast to oilseed crops, microorganisms are grown in an
aqueous environment ranging from 98% to 99.9% water content, whereas oilseeds air dry
to below 10% water. The presence of water makes dewatering (e.g. centrifugation) and
drying (e.g. solar drying, spray drying) critical for most oil extraction techniques which
can often take an energy input of nearly 30% of the energy of the desired oils (16).
Subcritical and supercritical extraction techniques have been established to extract
triglyceride oils from wet microbes (~80% water). These approaches are quite efficient
but they require specialized vessels that must withstand high temperature and pressure
and require co-solvents which complicate solvent recapture due the miscibility of polar
solvents and water (17). Recently, Willis et al. were able to demonstrate a simple wet
cell lipid extraction technique that requires only one solvent in conjunction with
mechanical mixing. This process can extract nearly 100% of the extractable oils at
atmospheric temperature and pressure and provides a significant advancement in the
feasibility of microbial biofuels (16). However, since solvent extractions and presses
liberate other compounds other than just triglycerides, the oils must be processed and
purified before being used as an appropriate substrate for biofuel production.
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The first step commonly used for chemical refining of seed oils is degumming.
Degumming removes phospholipids by adding water or dilute acid to the crude oil
causing them to precipitate (18). The next step is removal of free fatty acids (FFA) in a
process called deacidification. This is the most difficult step and is often used as a rough
gauge of oil quality. To obtain deacidification, base (i.e. sodium hydroxide) is added to
the oils to neutralize and generate the sodium salt of the fatty acid (soap), which can be
removed mechanically. Next, decolorization is obtained by bleaching. The oil is heated
to 100oC and passed through activated earth (e.g. activated carbon, silica). This step
allows for oxidation products such as aldehydes and ketones to adhere to the activated
substrate as well as pigments such as chlorophyll and carotenoids. Depending on the
original feedstock, dewaxing may also be required to remove compounds of low melting
temperature such as wax esters, fatty alcohols, and residual fatty acids, which can easily
be removed by cooling the oil followed by filtration of the formed crystals. The oil can
also be further deodorized to remove volatile compounds by passing water steam through
the oil or applying a vacuum to the oil for an extended period of time (18). The processes
described here are quite intensive and are only performed at scale with triglyceride oils
from oilseeds. Microbial oils may present their own challenges and may not be
compatible with such methods.
Microbial Biofuel
Third and fourth generation biofuels generated from microorganisms demonstrate
promising productivities and are gaining favor over land-based crops for biofuel
production. The advantages of utilizing microorganisms for biofuel production include
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no competition with the food supply and cultivation on non-arable land. Additionally,
microbes have growth productivities approximately 10-fold to that of currently utilized
land-based crops (11, 19).
It should be noted that the growth productivities reached with higher plants have
been calculated from field demonstration whereas the productivities of microbes, such as
microalgae, have been calculated from small-scale evaluation and may not demonstrate
similar values at scale. A common misconception is that microalgae have higher
photosynthetic efficiencies than higher plants, however, these values are nearly the same
between microalgae and higher plants (20). Microalgae do have higher radiation capture
since they have the ability to grow all year round whereas most plants are limited to about
a 120-day growth cycle once a year. Lastly, in contrast to higher plants, microalgae are
unicellular and do not have to pay intensive respiration costs in producing lignin and
other structural features.
A possible biofuel source that may be produced from microbes is biodiesel.
Biodiesel may displace the middle distillate of petroleum, diesel fuel, which is the mostutilized liquid fuel worldwide and its use is expected to rise due to industrialization of
developing nations (1, 21). Diesel fuel is highly energy dense, owing to the fact that it is
composed predominantly of saturated hydrocarbons ranging from nine to twenty carbon
chains in length. Oleaginous microbes, which produce high levels of lipids, are excellent
feedstocks for biodiesel production. Lipids accumulated in the cell, mostly in the form of
TAGs, are ideal biofuel precursors owing to their high energy density. It should also be
noted that these long chain fatty acids are analogous to hydrocarbons derived from
petroleum that can likewise be used as oleochemicals. These oleochemicals by definition
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can displace the use of petrochemicals that are used in innumerable processes and
products, which are likewise dependent upon nonrenewable petroleum. Oleaginous
microorganisms capable of serving as biodiesel and oleochemical feedstocks are
numerous and diverse and include species of microalgae, yeast, and bacteria. The fatty
acid profiles of these microbes may affect the characteristics of the produced fuels
dramatically, and this knowledge will allow for strain selection or genetic modification in
order to make ideal fuels for different engine types (22) (Table 1-2).
Oleaginous microorganisms can be classified into two general groups,
photoautotrophs and heterotrophs. Photoautotrophic microalgae grow via
photosynthesis; they fix atmospheric carbon dioxide ultimately into lipids driven by
energy obtained from sunlight. Microalgae have seemingly stolen the spotlight for
biofuel production, however, heterotrophs like bacteria and yeast must also be included in
the discussion as potential biofuel feedstocks. Due to the difficulty in cultivating algae at
large scale and the inherent limitations of photosynthesis, heterotrophic biofuel
production may be more relevant in displacing petroleum at least in the near term due to
the knowledge and infrastructure available for fermentation-like processes.
Heterotrophic growths enable higher growth rates and cell densities, whereas microalgal
growth is limited to the permeance of light and the inefficiency of photosynthesis (23).
The main drawback for heterotrophic growth is that a reduced carbon source and energy
intensive fermentation is required, which would necessitate several steps in the
procurement and processing, likely contributing to some carbon emissions. Waste carbon
sources like that from agricultural or industrial waste streams would limit the carbonfootprint of the biofuel’s life cycle, however their use would not approach the near
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carbon-neutrality of producing biofuel starting from atmospheric carbon dioxide as in
microalgae (12, 24). The abundance of underutilized biomass for reduced carbon
compounds is enticing, however the liberation of these sugars so far has not been
demonstrated to be economical nor has it exhibited scalability. For these reasons it is
important to focus studies on all highly productive microorganisms until life cycle
analyses and demonstration of large scale production can determine the ideal feedstocks.
Once microbial biomass is destined for biofuel production there are various
methods to convert the biomass carbon into biofuels. The two major non-fermentative
types of biofuel are biodiesel and renewable diesel or green diesel. These processes take
advantage of the fact that the lipids in oleaginous microbes are aliphatic and can thus give
high energy density hydrocarbons like that in liquid fuels such as petroleum diesel. If
biodiesel is to be produced from microbes like that of traditional oilseeds, first the
triglyceride oils from the initial feedstock must be extracted with an organic solvent or
liberation using a mill or press. The extracted oil must then be degummed and
decolorized in order to purify it from the contaminants, which are co-extracted from the
biomass. The oil is then subject to a second step of converting the TAGs to biodiesel via
transesterification. These are the same steps which are taken for oil feedstocks which are
currently in use (i.e. oilseeds), however these methods may not be compatible with
microbes and may not be necessary due to inherent advantages of microbial oil such as
lower content of glycerolipids, sterols, and phospolipids (16). There are several
techniques to generate biodiesel and renewable diesel from microbial oils or biomass, and
the advantages and disadvantages will be discussed below.
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Table 1-2: Fatty acid composition of various oil feedstocksa

c

FAME
C8:0
C10:0
C10:1
C12:0
C13:0
C14:0
C14:1
C14:0 CH3d
C15:0
C15:1
C15:0 CH3d
C16:0
C16:1
C16:0 CH3d
C16:1 CH3d
C16:2
C16:3
C18:0
C18:1
C18:0 OHd
C18:1 CH3e
C18:2
C18:3
C19:1
C20:0
C20:1
C20:4
C20:5
C22:0
C23:0

Soybean

Palm
< 0.1

% of Total Fatty Acidsb
C. gracilis
N. salina

C. curvatus

0.23
0.85

10.3

4.8

0.6

11.0

36.8

26.8
29.9

29.6
40.6

15.3
0.2

1.8
6.1

18.0
59.8

2.6

5.3
0.3

3.9
23.7

49.5

6.9
8.6
0.5
3.7

53.9
6.8

11.8
0.5

2.2
4.1

0.2
0.2

0.2

C24:0

R. opacus
0.2
< 0.1
0.1
< 0.1
1.9
0.2
0.2
4.4
0.5
0.1
33.9
8.9
5.4
16.6

3.0
23.9
0.1
0.2

0.6
0.5
0.6
5.8
0.3

14.5

< 0.1
< 0.1

0.2

< 0.1

0.4

a

Adapted from information found in Daquan et al. (2011) 2nd International Conference on Chemistry and Chemical
Engineering IPCBEE vol.14 IACSIT Press, Singapore; Wahlen et al. (2013) Biodiesel from Microalgae, Yeast, and Bacteria:
Engine Performance and Exhaust Emissions. Energy Fuels 27, 220–228.
b

Values are relative percent (%) of the FAME derived from each fatty acid as noted. Values shown are relative to the area
under each peak from GC-MS analysis ranging from retention time of 10 minutes to 25 minutes.
c

Fatty Acid Methyl Ester

d
e

GC/MS data is consistent with a C18 hydroxylated fatty acid chain.

GC/MS data is consistent with a terminally methylated fatty acid chain.
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Triglyceride oils after extraction may be converted to biodiesel via acid or basecatalysis. Base-catalyzed transesterification most often utilizes sodium or potassium
hydroxide as a catalyst and is preferred over acid-catalysis due to the quick and high
conversion efficiency of the reaction (25). However, the main disadvantage of this
process is that it requires extensively processed triglyceride oil that has had the vast
majority of free fatty acids removed. In fact, saponification occurs with base-catalysis
when only approximately 0.5% (% w/w) of the oil contains free fatty acids (FFA) (26,
27). In order to circumvent the problems with saponification, lower grade oils with
higher fatty acid content can be converted by acid-catalyzed transesterification. Acidcatalysis is likely the best candidate for conversion of microbial biomas since the
numerous steps of cell harvesting and processing that contribute to lipid degradation
allow FFAs to accumulate. The advantages of acid-catalyzed transesterification are also
exemplified by the potential to perform total lipid conversion on whole-cells in a method
called in situ transesterification or direct transesterification.
Direct transesterification of microbial biomass allows complete conversion of
total saponifiable lipid into FAME (28). Methanol and sulfuric acid are added to the
biomass, which facilitates cell lysis and lipid extraction as well as the esterification and
transesterification of lipids into FAME. Acid-catalyzed transesterification for such a
process is necessary since biomass containing as low as 0.5% (%w/w) FFA can cause
saponification and thereby lower yields and difficulty in downstream processing. A
major advantage to direct transesterification is that not only are solvent extractable lipids
converted (neutral lipids) but phospholipids and free fatty acids are as well which can
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increase yields by 5-10% on average (28). This process is simple and efficient but the
presence of pigments and other contaminants in the biomass makes purification of the
biodiesel energy intensive.
Newer technologies are emerging that may facilitate adoption of microbial biofuel
in the near future. Green diesel or renewable diesel is composed of hydrocarbons and
aromatics derived from biomass. Hydrocarbons can be derived from decarboxylation of
FFA and volatile aromatics can be also be generated after degradation of cellular
metabolites. One large advantage of using technologies for generating renewable diesel
is that they generate biocrudes that contain hydrocarbons and aromatics that are
chemically identical to that of petroleum-derived compounds instead of merely fuel
substitutes like biodiesel (unpublished work by the Seefeldt lab).
Pyrolysis or thermal cracking is performed on dry biomass and requires
temperatures ranging from 300oC to 550oC at atmospheric pressure with processing times
that depend on the particular pyrolysis equipment. Pyrolysis analyses on microalgae
species such as Chlorella sp. and Microcystis sp. have shown biocrude yields between
24% to 40% (29, 30). These biocrude fractions have been shown by gas chromatography
to contain largely hydrocarbon chains from the decarboxylation of FFA. However, due
to the acidity (pH<3) and viscosity, the oil is too poor of a feedstock for upgrading via
hydrotreating by existing oil refineries to generate a practical liquid fuel (30).
Hydrothermal liquefaction (HTL) is a method for microbial biofuel production that has
seemingly become the most acceptable and viable option to turn microbes into fuels as
assessed by LCA and TEA (31). This technology is compatible with wet cells such that
the very energy demanding drying steps can be bypassed as well as a lipid extraction
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step. HTL has been utilized on various feedstocks (e.g. wood) in the past and is
performed in a hot liquid water reaction environment typically at 350oC and 20 MPa.
More recently, studies have demonstrated the viability of using oleaginous microbes such
as microalgae and yeast as feedstocks for HTL. Elliot et al. recently described a pilot
scale demonstration of HTL of microalgae to fuel (32). This continuous-flow system can
process approximately 1.5L of algal slurry (17-35% solids) and convert it into biocrude
with about a 60% yield. Similarly, it has been demonstrated that low temperature HTL
(250oC) with the addition of co-solvents can convert wet yeast to a biocrude with yields
around 56% (unpublished work by the Seefeldt lab). The initial HTL processing can
increase the energy content from the original biomass by simply removing oxygenated
species that are liberated as gases. However, the generated biocrudes do not consist of
the compounds found in liquid fuels such as hydrocarbons and aromatics but rather
liberated FFA from the glycerol backbone and residual triglycerides. These biocrudes
must then be upgraded by hydrotreating that involves heating between 100oC and 400oC
at about 14 MPa in the presence of hydrogen gas. This process facilitates reduction of
oxygen, nitrogen, and sulfur as well as hydrocracking and isomerization to generate
preferable hydrocarbon chains for liquid fuels. Elliot et al. demonstrated that 47% of
renewable diesel by mass can be produced from the overall process starting with wet
algal material (32).
These processes have great potential for allowing feasible microbial biofuel
production, but the inherent flaw with pyrolysis and HTL is that they use whole cells that
would introduce unwanted contaminants that complicate downstream processing. Most
importantly, HTL or pyrolysis would most certainly destroy value-added products that
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could be extracted from the cells that could help to offset the costs associated with
biofuel production. Additionally, real evaluation of the fuels by engine testing has not
been effectively evaluated.
Diesel engine testing of various fuels and biofuels has been performed but very
few reports have demonstrated engine testing of microbial biodiesel (22). Haik et al.
were able to demonstrate engine testing on algal oil as well as the FAME derivative
showing similar outputs to diesel fuel. However, this study did not include results with
another established biodiesel (e.g. soybean) as a comparison nor did they test multiple
microbial feedstocks with different fatty acid profiles, which could play a key role in
engine performance and emissions (33).
The biodiesel properties of various microbial biodiesel fuels have not been
thoroughly investigated and compared to biodiesel from traditional feedstocks. There are
several properties of biodiesel fuels that can be directly affected by the fatty acid
composition of the oil feedstock. Cetane number (CN) is a measure of the amount of
time required for ignition of the fuel once injected. A larger CN would correspond to
better engine performance, as it would take less time to ignite and give the fuel more time
to completely combust. Knothe et al. demonstrated that FAMEs with longer chain
lengths and less unsaturation gave higher CNs. Branching of FAME, arising from using
a different alcohol during transesterification, has been shown not to negatively affect CN
much like it does with branching of hydrocarbons (34, 35).
The advantage of longer chain FAME for CN is also met with the disadvantage of
higher cloud point and pour point values. Cloud point and pour point, described as the
temperature of crystallization and the loss of the ability to flow, respectively, are a
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consequence of the melting point of the FAME. Longer chain FAMEs are more
susceptible to gelling at temperatures often achieved in colder climates (0oC) that can
cause fuel line and filter plugging (36). Unsaturation of FAME can dramatically lower
the gel point of biodiesel as in the case of methyl myristoleate (-52oC), methyl
palmitoleate (-34oC), and methyl oleate (-20oC) (34).
Another trade-off with the advantage of unsaturation is oxidative stability.
Double bonds can be attacked by oxygen, which causes production of peroxides, radicals,
as well as generation of organic acids from degradation. Oxidation products can cause
precipitation in the fuel as well as corrosion in engines (37). Overall it appears that the
best FAMEs are ones derived from monounsaturated fatty acids such as methyl
palmitoleate and methyl oleate, which are quite common in microbial oils (Table 1-2).
Regardless of the chosen microbial feedstock, microorganisms have high potential
to displace petroleum use due to high growth productivities, lack of impact on the food
and feed supply, and cultivation utilizing non-arable land. However, the major limitation
of utilizing microbial biofuels today is that its production fails to be price competitive
with petroleum. A key determinate in economical biofuel production is the attainable
yield from a particular microbial platform. In the case of biodiesel production, the
achievable lipid content is one of the most important influences in the energy and costs of
producing biofuels since it determines how much biomass must be processed downstream
for a particular amount of potential biofuel (31). Therefore, it is essential to understand
the lipid biochemistry of these microbes, specifically how they develop high levels of
lipid. This basic knowledge will allow for generation of high lipid accumulating strains
via genetic modification in the future. Another limiting factor of biofuel production from
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microbial biomass is the purification of the biofuel from the contaminants introduced
from the biomass, namely the pigments (26). Pigments, predominantly exist as
chlorophyll in microalgae and carotenoids in yeast and bacteria, and are often coextracted with current lipid or biodiesel extraction techniques. The purification processes
are energy-intense and the simplification of these processes as discussed in Chapter 3 will
make biofuel production from microbes more viable. One necessity of viable biofuel
production is the concomitant production of a valuable co-product with the biofuel. Such
a valuable chemical or protein simultaneously produced from the microorganism would
significantly offset the costs of microbial growth and biofuel processing. Lastly,
evaluation of the fuel in an engine would prove the viability of the fuel as a replacement
for petroleum-derived fuel.
Lipid Biochemistry
Lipogenesis has been well studied in yeast, bacteria, and algae. During stresses
that facilitate lipid production, ample sources of acetyl-CoA and reduced nicotinamide
adenoside dinucleotide phosphate (NADPH) for fatty acid synthesis are crucial. It has
been shown that the major source of acetyl-CoA pools for lipid accumulation are
produced by pyruvate dehydrogenase and ATP citrate lyase (ACL). NADPH, the
reducing equivalent for fatty acid synthesis, has been linked to predominantly originate
from glucose-6-dehydrogenase and malic enzyme in heterotrophs or the light-dependent
reactions of photosynthesis in microalgae (38, 39). Similarly, the first committed step of
lipid synthesis, carboxylation of acetyl-CoA to malonyl-CoA by acetyl-CoA carboxylase,
has been shown to be upregulated during lipid production (39). One major difference in
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lipid production in these microbes is the type of fatty acid synthase (FAS) that carries out
fatty acid synthesis. Fungi (filamentous and yeast) utilize a modular type I FAS for fatty
acid synthesis that is encoded by two different genes giving two different polypeptides to
form the active FAS holoenzyme. The type I FAS alone is able to catalyze all of the
steps of fatty acid biosynthesis. However, bacteria and microalgae utilize a type II FAS
that is composed of several monofunctional polypeptides, which participate in the same
reactions catalyzed by type I FASs, but are freely dissociable and separate. Type I FASs
are considered to be more efficient that type II FASs due to less chance of intermediates
diffusing from the single complex (40). However, the type and efficiency of the FAS
does not necessarily translate to pronounced fatty acid output but rather the length,
branching, and hydroxylation of the produced fatty acids (41). Despite these differences
in fatty acid producing machinery, a common mechanism for induction of lipid synthesis
between microalgae, yeast, and bacteria is nitrogen depletion. Transcriptomic analyses
have shown upregulation of all the aforementioned genes implicated in lipid synthesis
during nitrogen stress (38, 39).
It has been well established that nitrogen deprivation eventually causes growth
cessation in microbial cultures due to the lack of utilizable nitrogen predominantly for
amino acid and nucleic acid biosynthesis (42). There is evidence in algae, yeast, and
bacteria that nitrogen limitation induces changes in cellular lipid metabolism on the
transcriptional level. In microalgae, a SQUAMOSA promoter-binding protein domain
transcription factor facilitates upregulation of genes encoding diacylglyceride
acyltransferases (DGAT) and phospholipid acyltransferases under nitrogen depletion in
Chlamydomonas, which constitute the final steps in triacylglyceride synthesis (43). In
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Mycobacterium tuberculosis, a novel ArsR-like regulator has been identified to activate
expression of the dosR gene implicated in regulation of lipid metabolism during hypoxic
and nutrient stressed conditions. This ability to generate an energy source under such
stresses implicates its role in allowing the bacterium to evade the immune response by
assuming a dormancy-like state (44–47). In the yeast, Yarrowia lipolytica, it has been
shown that nitrogen deprivation also increases DGAT expression as well as enzymes
important for phospholipid metabolism such as phosphatidylinositol phosphatase, which
generates diacylglycerides (DAG) for TAG production (38).
There is an abundance of evidence in literature that nitrogen stress facilitates lipid
accumulation in microorganisms. Much of this is contributed by transcriptional
regulation of genes involved in native lipid synthesis pathways, however, in yeast there is
substantial evidence for the overproduction of acetyl-CoA pools for lipid synthesis due to
an onset of nitrogen depletion. In oleaginous yeast, nitrogen limitation causes activation
of adenosine monophosphate (AMP) deaminase as a mechanism for scavenging nitrogen
in the cell. This enzyme catalyzes the cleavage of AMP to inosine monophosphate
(IMP), liberating ammonia as a reduced nitrogen source for amino acid and nucleic acid
synthesis. The result is that mitochondrial NAD+-dependent isocitrate dehydrogenase
activity slows due to the lack of AMP as an allosteric activator. Isocitrate accumulates
and thereby shifts the equilibrium of aconitase to preferentially produce citrate where it
builds up and must be exported out of the mitochondrion by a malate/citrate translocase
system. In the cytosol, citrate is then cleaved to oxaloacetate and acetyl CoA by ATP
citrate lyase (ACL) (48). A diagram illustrating this is shown in Figure 1-2.
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Citrate cleavage activity was first discovered by Srere et al. in pigeon and chicken
liver extracts. The enzyme was partially purified using crude purification protocols and
found to cleave citrate in an ATP-dependent fashion in the presence of coenzyme A
(CoA) and Mg2+. They successfully purified the enzyme sufficiently such that the
requirement of each reactant was necessary to measure the oxidation of NADH at 340nm
utilizing a coupled malate dehydrogenase spectrometric assay (49). Groups found that a
stable citryl-enzyme complex formed after incubation of the enzyme with [C14]-citrate
and isolation by size-exclusion chromatography (50). It was proposed that the reaction
pathway followed a citryl-CoA intermediate as shown by detection of citrylhydroxamate
after treatment of the enzyme complex with hydroxylamine (51).
In order to evaluate the role of ATP in the reaction, Inoue et al. incubated the
enzyme with both [8-14C]-ATP and [γ-32P]-ATP separately and determined that the
enzyme was phosphorylated containing P32, thus demonstrating the existence of a
phospho-enzyme intermediate. In order to confirm this, the group performed ATP-ADP
and ATP-Pi isotopic exchange reactions using [8-14C]-ADP and 32Pi, respectively. It was
found that after separation of adenine nucleotides by thin-layer chromatography that [814

C]-ADP was exchanged freely whereas 32Pi was not indicating the phospho-enzyme

was generated from addition of the terminal phosphate to the enzyme from ATP (50).
In order to more fully elucidate the order of binding of substrates for rat liver
ACL, Houston et al. performed various order of addition assays characterizing the
enzyme using steady state kinetics. Assays varying ATP concentration and holding
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Figure 1-2: Biochemistry of oleaginous yeast lipid accumulation. Adapted from
Ratledge et al. (1983).
citrate and CoA constant showed a family of parallel lines indicating a doubledisplacement mechanism. The double reciprocal plots of assays holding ATP
concentration constant and varying either citrate or CoA showed that the lines diverged
indicating that the binding of CoA or citrate after ATP binding must occur randomly in
accordance with the previous data. Thus, the reaction mechanism is proposed to follow a
double-displacement mechanism with a phospho-enzyme intermediate (52).
In the reaction pathway, formation of a covalent citryl-enzyme intermediate was
thought to follow displacement of inorganic phosphate from citryl-phosphate after attack
by a nucleophilic residue on the enzyme. Subsequent detachment of citrate from the
enzyme then occurs after thioester formation facilitated by CoA to form citryl-CoA.
Next, bond cleavage then occurs by a retro-claisen cleavage forming the products of the
reaction, oxaloacetate and acetyl-CoA. The inclusion of a citryl-enzyme intermediate
was based upon evidence that Pi was released upon citrate binding which led to the
hypothesis that a nucleophilic residue attacked at the carbonyl carbon of the citryl-
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phosphate intermediate displacing phosphate and forming a citryl-enzyme intermediate
(53). However, Wells et al. argued that citrate was not covalently linked to the enzyme
by demonstrating that [1,5-14C]-citrate incubated with enzyme did not remain associated
with the enzyme after denaturation with sodium-dodecyl sulfate or perchloric acid.
Instead, the authors proposed that the observed Pi upon citrate binding is due to
dissociation of citryl-phosphate from the enzyme and its corresponding hydrolysis in
solution. In order for this result to be true the rate of dissociation of citryl-phosphate
must exceed the rate of Pi release upon citrate binding. Their results confirmed this
demonstrating the rate of dissociation of citryl-phosphate is orders of magnitude faster
than Pi release after binding citrate. This result demonstrates that a direct attack of CoA
on citryl-phosphate occurs, which is consistent with the mechanism of the highly similar
succinyl-CoA synthetase rather than the previously thought covalent enzyme adduct (54).
Recently, Fan et al. (2012) performed a more thorough investigation of the human
ACL (hACL) mechanism (55). This group first focused on determining the catalytic
residue implicated in forming the phospho-enzyme. Previous studies had shown that the
labeled product of alkaline hydrolysis of ACL incubated with [γ-32P]-ATP exuded
chromatographic and electrophoretic mobility character similar to phosphohistidine (56).
In order to provide more evidence for this, Fan et al. (55) employed use of
diethylcarbonpyrocarbonate (DEPC), which forms N- carboethoxy adducts of histidine,
cysteine, lysine, and tyrosine residues in enzymes. In this study, DEPC effectively
rendered the enzyme unable to cleave citrate. The group was able to specifically identify
histidine as the catalytic residue by demonstrating that ACL inactivated with DEPC could
be rescued upon treatment with hydroxylamine. The group also performed steady-state
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measurements with purified ACL to demonstrate that the ATPase reaction forming
phospho-enzyme was very slow, thus indicating that either the hydrolysis of MgATP or
the release of MgADP is likely the rate-limiting step of the overall reaction scheme. In
order to more fully understand the reaction mechanism and approximate individual rate
constants, pre-steady state kinetics were performed using rapid-quench flow techniques.
These assays evaluated the rate of phospho-enzyme formation using [γ-33P]-ATP and
subsequent evaluation of residual radioactivity. The transient kinetic data allowed for
estimation of kinetic rate constants using the Levenberg-Marquardt algorithm. The
calculated rate constants indicated release of MgADP as the rate-limiting step. This result
was supported by positional isotope exchange (PIX) utilizing 31P NMR evaluating the
β,γ-bridge to nonbridge positional isotope exchange rate of [γ-18O4]-ATP, which had a
high rate of exchange due to the reformation of MgATP from the phospho-enzymeMgADP intermediate (56).
The presence of the gene(s) which encode ACL has been shown to differentiate
oleaginous yeast (>20% CDW as lipid) from non-oleaginous yeasts (<20% CDW as
lipid), since the cleavage of citrate is the source of overproducing acetyl-CoA pools for
lipid production (57, 58). However, this explanation does not elucidate the large
distinction in lipid accumulation between different yeast species that may range from
20% up to nearly 80% of their cellular dry weight. Ratledge and Boulton first made the
discovery that the presence of ACL differentiated the high lipid accumulating yeast
termed “oleaginous” from non-oleaginous yeasts (57). The citrate that was able to
accumulate due to inactivation of AMP deaminase could then be metabolized for acetylCoA for lipid biosynthesis. The absence of ACL from citrate-producing yeasts (i.e.
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Yarrowia lipolytica, Aspergillus sp.) explained how these yeasts were able to accumulate
such high concentrations of citrate as well as secrete it into the extracellular medium (57).
Similarly, they later showed that oleaginous yeasts had a pronounced citrate efflux from
the mitochondrion that allowed the access of this substrate to ACL (59). In fact, the
availability of citrate from this translocation correlated well with total lipid content of the
various oleaginous yeasts. In addition to this phenomenon, a high lipid content is known
to arise in nitrogen limited conditions due to the decrease in other marcromolecules in the
cell as cells cease to grow and begin to accumulate lipid (57).
Data is conflicting on whether ACL activity is affected upon available nitrogen
like that of AMP deaminase, which results in the accumulation of citrate. Ratledge
Ratledge and Boulton first noted that ACL activity did not change upon nitrogen
restriction, but rather had nearly constant activity in cell extracts under nitrogen replete
and deplete conditions (57). However, they later reported that a pronounced ACL
activity (up to five-fold) was observed with growths under nitrogen limitation in the
oleaginous yeasts, Cryptococcus curvatus and Rhodosporidium toruloides (60). Several
factors may cause a change in activity brought on by a particular environmental change.
Four possibilities which could account for the change in ACL activity include:
transcriptional upregulation, post-transcriptional regulation, post-translational
modification of the protein itself, or a difference in the steady state levels of the protein
due reduced protein degradation. Recently, a Zhu et al. (2012) performed transcriptomic
and proteomic evaluation of the oleagionous yeast, Rhodosporidium toruloides. They
found that there was no increased expression during nitrogen limitation, however,
pronounced levels of the protein under these conditions indicated post-transcriptional
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regulation (61). Morin et al. determined that expression of ACL was not effected by
nitrogen limitation in Yarrowia lipolytica, however proteomic analysis was not
investigated (38). Thus, the change in activity levels would most likely arise from
increased protein levels due to transcriptional regulation or from post-translational
modification of the protein inducing higher specific activity.
It is known that hACL is phosphorylated in response to nutrient intake and
hormonal stiumuli (62). Potapova et al. were able to investigate the kinetics of the
unphosphorylated form of hACL by expressing the hacl gene in E. coli. For comparison
of unphosphorylation and phosphorylated forms, they were able to phosphorylate hACL
in vitro by incubation of enzyme with known kinases of hACL, protein kinase A (PKA)
and glycogen synthase 3 (GSK-3). Interestingly they found that human ACL when
phosphorylated had a 6-fold increase in Vmax and behaved with positive cooperativity
with the phosphorylated form in comparison to the unphosphorylated form that displayed
negative cooperativity with respect to citrate (62). The role of ACL in Y. lipolytica and
other oleaginous yeasts will be further discussed in Chapter 2.
VALUE-ADDED PRODUCTS
One of the most limiting factors in microbial biofuel production is the cost
associated with its procurement. Petroleum is easily obtained by liberating crude oil from
drilling natural deposits while the resulting crude oil can be distilled to generate the fuel
of choice. The availability of such an abundance of low cost energy has made our way of
life depend on it. However, if the costs of renewable microbial biofuel production could
be offset by concomitant generation of a value-added product then microbial biofuel
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production could be much more feasible. With increasing maturation of microbial
biofuel production, production of value-added compounds, and the increasing costs of
petroleum fuels, microbial biofuel production could be implemented before considerable
ecological and climate complications are observed.
One limitation of using a heterotrophic microbial platform for biofuel production
is the need for a reduced carbon source that does not come from a major profitable good
(i.e. food). Avoiding this potential deal breaker would ensure that its use for biofuel
production does not drive up the prices of that particular product. Instead, the carbon
source should be either a waste product or a low-value effluent. Cellulosic sugars
derived from biomass are a promising source of reduced carbon. Low-value
lignocellulosic sources could be obtained from agricultural waste and processed to act as
a sugar feedstock for fermentation. However, liberating the monomeric glucose moieties
from cellulose has been shown to be energy and cost intense, thereby hindering its
feasibility. In addition, the use of cellulosic sugars for biofuel production has recently
been shown to cause more ecological harm than the use of petroleum-derived fuels (63).
Another source of reduced carbon could be derived from petroleum waste. The sheer
amount of petroleum production makes it an intriguing possibility. To put this into
perspective, it has been reported that if only 15-20% of the carbon currently utilized in
petroleum could be diverted into microbial single-cell protein (SCP) production, it could
provide enough protein for the entire world population (64). Even though the abundance
of waste petroleum has is advantages, it is still a nonrenewable source that limits its
impact and could consequently contaminate the generated valuable product with toxic
hydrocarbons and other chemicals.
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One promising source that has been explored quite extensively is low value
effluent derived from food waste. Since these effluents are derived from food, the issue
with its use in production of a good for human or animal consumption is less problematic.
The most common effluent source from food is whey, which is derived from cheesemaking. Cheese and whey are produced after rennet treatment of milk. 10% of the milk
can produce curds of cheese, which is predominantly composed of fat and protein,
whereas the other 90% produced is whey and is composed of milk sugar (lactose), milk
minerals (e.g. calcium, sodium, phosphorous) and some protein. The milk minerals and
lactose can be removed through reverse osmosis and the protein can be concentrated
ultimately generating a high-value whey protein isolate (~$7 lb-1). A large portion of the
residual lactose can be crystallized and sold as an additive to baby formula. However,
the delactosed whey (delac) still contains large amounts of the lactose and milk minerals,
which is of little to no value and can only be sold as animal feed. The shipping costs
barely afford transporting the delac and in some cases processing plants must pay for its
removal (unpublished work by the Seefeldt lab).
Single-cell Protein
One such value-added product that can be produced concomitant with microbial
biodiesel production is protein. The concept of producing a value-added product with
production of a major good is most similar to how soybeans are currently processed.
Soybeans are predominantly grown for protein derived from the seeds’ meal that is left
after extracting the triglyceride oils. The oil is therefore a byproduct and can be sold as
vegetable oil or converted to biodiesel. Other main sources of protein include fish, meat,
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and whey. Protein derived from these feedstocks is mass-produced yet the demand for
proteinaceous foods is unsatiable.
Increasing population growth has put severe pressures on demand for food
especially in third-world countries. A common deficiency in the chronically
malnourished is a lack of protein (65). SCP has the potential to supply mass quantities of
protein to combat worldwide hunger as well as provide additional protein missing in
already existing foods. SCP produced from waste effluents can be an additional
proteinaceous food source while not infringing on the current food and feed supply like
that derived from land-based crops and fish.
Microorganisms have distinct advantages, which facilitate large-scale
manufacture of SCP. Key advantages of microbes over crop-based or fish-based protein
include much higher biomass productivites, capability of being cultivated on waste
effluent, high-protein biomass, no requirement for arable land used in cultivation, and
relatively simple genetic modification (66). Various types of microorganisms have been
investigated for the production of SCP ranging from bacteria, fungi (yeast and
filamentous), and microalgae (64). Each have their own advantages and disadvantages,
however, each source ought to be investigated for their SCP production potential.
The use of microorganisms as a food source is not new. Various microorganisms
have been a staple of the diet in various cultures. For example, locals near Lake Chad in
Africa harvest blooms of cyanobacteria (Spirulina sp.), allow it to dry in the sun, and sell
it at the marketplace (67). Growth of microbes specifically for SCP dates back as far as
1879 in Great Britain and has played major roles in food production during both World
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Wars. It was during this time that the ancestor of the modern fermenter, the Waldholf
fermenter, was invented which exponentially increased microbial production (68).
Microbes have always played a pivotal role in food production (e.g. cheese, yogurt, beer),
which has led to the indirect consumption of microorganisms. However, microbial
matter is even sold directly as a food or a nutraceutical product. Autolysed yeast
(Saccharomyces cerevisiae) have been marketed in Autralia and New Zealand under the
name Vegemite and similarly in the United Kingdom and other countries as Marmite.
Probiotics, which are merely encapsulated lyophilized microbial biomass, have recently
become a popular trend. The result of taking the probiotic is flooding of the digestive
tract with beneficial bacteria, most often Lactobacillis sp. or Bifidobacteria sp., in hopes
of generating positive effects on the consumer.
Much attention has brought the feasibility of microorganisms as a source of food,
either directly or indirectly, and its production and sale has been identified as a highly
profitable strategy. Numerous groups have been aiming to take advantage of producing
protein cheaply from microorganisms. The key to the reduction in costs compared to
more common sources is the growth productivites of microbes as well as their ability to
grow on low-value nutrients derived from cellulosic, food, or even fossil fuel waste.
Recombinant Proteins and Specialty Chemicals
Since the biotechnology boom in the 1970’s exemplified by the success of the
human genome project, biotech companies along with a myriad of recombinant proteins
and specialty chemicals have become multibillion-dollar revenue streams. More often
than not, such compounds are produced from microorganisms to facilitate efficient mass
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production via fermentation thus generating such valuable compounds at high profit
margins. Such groups have invested in bacteria, yeast, and microalgae to produce a range
of compounds used in pharmaceuticals, nutraceuticals, cosmetics, soaps, detergents, food,
etc.
Microbial production of specialty chemicals has distinct advantages over native
production from higher plants due to better large scale potential. Similarly, microbial
production of chemicals can avoid complexity and inefficiency of chemical synthesis
routes. Such chemicals can be produced from the native microorganisms that produce
them but are often generated from genetically manipulated microorganisms. Integrations
of pathways by introducing genes or modifying expression levels of already existing
genes has facilitated the production of chemicals that cannot be viably produced from
native organisms.
The most common platforms for recombinant protein expression are by far
Escherichia coli and Saccharomyces cerevisiae. Genetic framework of these strains have
been well-investigated and characterized thereby facilitating simplified genetic
engineering. However, these strains may not be the ideal platforms for every process
since they may not grow on certain waste streams and may require costly carbon sources.
For example, an already existing business would likely prefer to increase their profit
margin by upgrading an already existing low value effluent. Futhermore, E. coli is also
often undesirable due to misconceptions of pathogenicity as well as production the
production of foul-smelling compounds. Lastly, E. coli much like other bacteria, are
unable to perform post-translational modifications on proteins which may be critical for
proper folding or function.
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One appealing microbial strain that shows promise for genetic engineering is
Kluyceromyces lactis. Kluyveromyces sp. is evolutionarily quite similar to
Sacharromyces sp., however Kluyveromyces sp. is capable of growing on lactose, which
is absolutely necessary for utilizing dairy waste derived from whey. For fermentation of
Kluyveromyces, specialized fermenters are not required for growth like that of the also
genetically characterized, yet methylotropic, Pichia pastoris. K. lactis, unlike bacteria, is
able to post-translational modify proteins and has an innate ability to secrete high
molecular weight proteins (69). For yeast, protein excretion is of particular necessity due
to the robust nature of the cells that would otherwise require costly equipment capable of
reaching adequate pressures for lysis. The need for cell lysis could thwart large scale
production not only for captital costs associated for lysis machiner (e.g. french press,
microfluidizer), but also the compounding difficulty of purifying the protein away from
other introduced cellular constituents (e.g. carbohydrates, lipid, nucleic acids). K. lactis
is currently used to mass produce -galactosidase as well as the bovine chymosin for
cheese production, which has been deemed as a major biotechnological achievement.
The mass production and use of such recombinant proteins has given GRAS (generally
regarded as safe) status to these proteins that facilitates their use in food production (69).
Aims at production of lactoferrin, also a dairy-related protein, produced from K. lactis
will be discussed in Chapter 4.
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CHAPTER 2
THE ROLE OF ATP CITRATE LYASE IN LIPID ACCUMULATION OF THE
OLEAGINOUS YEAST YARROWIA LIPOLYTICA1
Abstract
The yeast Yarrowia lipolytica is becoming a common biotechnological platform
and its metabolism is of particular interest due to its ability to produce citric acid under
nitrogen-limited growth conditions. However, the discrepancy in lipid accumulation
between it and other oleaginous yeasts has been elusive. It is apparent that the flux of
citrate-derived carbon into lipid biosynthesis is a major bottle-neck in the lipid
accumulation of Y. lipolytica. Here we demonstrate an inverse relationship between
intracellular and extracellular citrate accumulation with lipid accumulation in the
oleaginous yeasts, Y. lipolytica, C. curvatus, and R. toruloides. Investigations of ACL
activity in cell lysates during nitrogen limited and nitrogen replete conditions reveal no
change in activity for Y. lipolytica but a significant increase in activity for R. toruloides.
Purification methods of the enzyme ATP citrate lyase (ACL) from Yarrowia lipolytica
were employed for this uncharacterized enzyme. The relationship between ACL activity
and its potential phosphorylation brought on by nitrogen limitation is discussed.
INTRODUCTION
There is an abundance of evidence in literature that nitrogen stress facilitates lipid
accumulation in microorganisms. Much of this is contributed by transcriptional

1
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regulation of genes involved in native lipid synthesis pathways, however, in yeast there is
substantial evidence for the overproduction of acetyl-CoA pools for lipid synthesis due to
an onset of nitrogen depletion. In oleaginous yeast, nitrogen limitation causes activation
of AMP deaminase as a mechanism for scavenging nitrogen in the cell. This enzyme
catalyzes the cleavage of adenosine monophosphate (AMP) to inosine monophosphate
(IMP), liberating ammonia as a reduced nitrogen source for amino acid and nucleic acid
synthesis. The result is that mitochondrial NAD+-dependent isocitrate dehydrogenase
activity slows due to the lack of AMP as an allosteric activator. Isocitrate accumulates
and thereby shifts the equilibrium of aconitase to preferentially produce citrate where it
builds up and must be exported out of the mitochondrion by a malate/citrate translocase
system. In the cytosol, citrate is then cleaved to oxaloacetate and acetyl CoA by ATP
citrate lyase (ACL). The reaction scheme catalyzed by ACL is shown in Figure 2-1 (1).

Figure 2-1: Reaction scheme catalyzed by ATP citrate lyase. ACL cleaves citrate in
an ATP-dependent manner ultimately forming oxaloacetate and acetyl-CoA. The formed
acetyl-CoA from this reaction is the major carbon contributrion to fatty acid synthesis.
The presence of the gene(s) which encode ACL has been shown to differentiate
oleaginous yeast (>20% CDW as lipid) from non-oleaginous yeasts (<20% CDW as
lipid), since the cleavage of citrate is the source of overproducing acetyl-CoA pools for
lipid production (2, 3). However, this explanation does not elucidate the large distinction
between lipid accumulation in different yeast species which may range from 20% up to
nearly 80% of their cellular dry weight (CDW). Previously it was thought that the
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absence of ACL in Y. lipolytica led to the accumulation of citrate and the lack of
significant lipid accumulation (2). However, since its genome has been sequenced and
ACL activity has been reported before, it appears that a different mechanism may control
lipid accumulation in this oleaginous yeast (4). In order to further probe lipid
biochemistry in Y. lipolytica, investigation of citrate and lipid accumulation as well as
partial purification of ACL were performed.
MATERIALS AND METHODS
Chemicals and Reagents
All growth nutrients and chemicals were purchased from Alfa Aesar (Ward Hill,
Massachusetts) unless stated otherwise.
Growth and Media
Y. lipolytica (ATCC 20362), C. curvatus (ATCC 20509), and R. toruloides
(ATCC 10788) were obtained from the American Type Culture Collection (ATCC,
Manassas, VA). The yeasts were maintained and grown as previously described on YPD
medium (5). In order to stimulate lipid accumulation conditions, the yeast were grown in
a medium previously described to stimulate lipid production in oleaginous yeasts (6).
This base medium with the addition of ammonium sulfate was utilized for nitrogen
limited (0.5 g L-1 ammonium sulfate) and nitrogen replete (10 g L-1) growth conditions.
Growths for purification of ACL were performed in 2.8 L Fernbach flasks with a growth
volume of 1L for 48 hours, whereas all other growths were performed in 500 mL baffled
flasks with 200 mL of growth volume and harvested at various time points. Growths
were carried out at 30oC with shaking at 250 rpm.
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Lipid and Intracellular Citrate Determination by Gas Chromatography
Samples of yeast biomass were converted via direct transesterification for
determination of lipid content via FAME as previously described (7). For intracellular
citrate determination, samples were processed the same as for lipid content. Citrate
remaining in the dry biomass can be similarly esterified with methanol to form trimethyl
citrate that is likewise extracted with chloroform. In order to get appropriate trimethyl
citrate concentrations for quantitation, the chloroform used for extraction was evaporated
off and the nonpolar residuals were redissolved in 1mL of chloroform. The amount of
citrate in each sample was then determined by linear regression from a standard curve of
citrate standards ranging from 0.1 mg mL -1 to 1.0 mg mL -1 esterified in the same
manner.

The GC program was run identical as for FAME, and the peak for trimethyl

citrate eluted around 7 minutes.
Quantitation of Citrate Excretion
Growths performed as previously explained were harvested by centrifugation at
45,000 x g and the amount of citrate in the supernatant was determined using an assay
procedure kit by Megazyme (8). Samples of Y. lipolytica had to be diluted 1:10 or 1:100
for results to fall within the standard curve of the assay.
Purification of ACL
Purification strategies were employed similar to ACL homologs previously
purified (9, 10). Approximately 100g of cells were resuspended in cold extraction buffer
containing Tris-HCl buffer (pH 8.0) and 20% glycerol (%v/v) at a cell density of 0.18g
cells per mL of buffer. The cells suspension was then passed through a french pressure
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cell one time at 200 Mpa. The whole cell lysate was centrifuged at 45,000 x g for 20 min
to separate the cellular debris from the soluble extract. The soluble lysate was then
filtered through cheesecloth to remove large particles of lipids. The filtered soluble
lysate was then loaded onto a 26 x 120 mm Q-sepharose column. The column was
washed with 3 column volumes of extraction buffer followed by 2 column volumes of the
same buffer containing 100 mM NaCl. A linear gradient was used to elute the majority
of ACL activity between 140-180 mM NaCl at a rate of 3 mL min-1. The combined
active fractions containing ACL activity were then concentrated with 70% ammonium
sulfate precipitation followed by centrifugation. The pelleted protein was resuspended in
minimal buffer containing 50 mM Tris (pH 8.0), 20% (%v/v) glycerol, 20 mM citrate, 10
mM MgCl2, and 1 mM ATP. The protein was then loaded onto a 16 x 600 mm S300
Sephacryl HR column equilibrated with similar buffer containing 150 mM NaCl. The
sample was allowed to separate at a flow rate of 0.5 mL min-1. ACL activity eluted after
the void peak and was collected and concentrated with 70% ammonium sulfate. The
precipitated protein was pelleted by centrifugation and resuspended in buffer containing 5
mM KH2PO4/KOH and 20% glycerol. The protein was then loaded onto a 16 x 50 mm
hydroxyapatite column equilibrated with the same buffer. The column was washed with
3 column volumes of buffer followed by washing with 2 column volumes with the same
buffer containing 50 mM KH2PO4/KOH. A linear gradient eluted ACL between 200-300
mM KH2PO4/KOH. All steps were carried out at 4oC.
Identification of ACL Phosphorylation by Mass Spectrometry
Partially purified fractions of ACL were run on SDS-PAGE and the band
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corresponding to the ACL2 peptide at approximately 54 kDa was extracted. The
extracted gel band was analyzed by GeLC-MS/MS on Q-exactive Orbitrap
(Bioproximity, Springfield, VA). The site occupancy was calculated by taking the log of
the intensity and comparing the ratios between the modified peptide and the unmodified
peptide of the same sequence.
RESULTS AND DISCUSSION
A well-studied yeast species, Y. lipolytica, was selected to investigate and serve as
a low lipid accumulating platform for understanding lipid accumulation. Similarly, C.
curvatus and R. toruloides, which may contain as high as 70% of their cellular dry weight
as lipid, were selected as high lipid accumulating strains to compare inherent differences
between them and Y. lipolytica (11, unpublished work from the Seefeldt lab). One
distinction found was the ability of Y. lipolytica to intracellularly accumulate and excrete
high levels of citrate in the extracellular medium under nitrogen limitation. The fact that
citrate was being excreted rather than cleaved into acetyl-CoA pools for lipid production
demonstrates that Y. lipolytica is unable to shunt the excess carbon into lipid
biosynthesis. It is presumed that the overabundance of carbon available to the cells
results in flooding of the metabolic pathways that the organism overcomes by excreting
citrate. It has been theorized in fungi that this phenomenon has been evolved to facilitate
phosphate and trace metal chelation to develop symbiotic relationships with plants (12).
However, both high lipid-accumulating strains, C. curvatus and R. toruloides, were found
not to export citrate, providing evidence that higher lipid accumulating yeasts are capable
of dealing with the excess carbon by diverting it into lipids (Figure 2-2).
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Figure 2-2: Intracellular and extracellular citrate versus lipid accumulation in
oleaginous yeasts. Growths of the yeasts R. toruloides (A), C. curvatus (B), and Y.
lipolytica (C) over a 120 hr growth period. The amount of intracellular citrate (□) is
shown in green, extracellular citrate (Δ) is shown in blue, and fatty acid methyl ester
(FAME) content (○) is shown in red. Extracellular citrate for R. toruloides and C.
curvatus were undetectable. Error bars are given as standard deviation from the mean.
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In order to evaluate the effect of forcing Y. lipolytica to retain intracellular citrate
on lipid content, the selective and nonmetabolizable inhibitor, 1,2,3benzenetricarboxylate (BTC), of the plasma membrane citrate exporter was added to
growths. BTC has been shown to inhibit citrate export in the likewise citric acid
producing Aspergillus niger (13). The results of this experiment demonstrate a close
correlation between the decrease in citrate detected in the extracellular medium and an
increase in intracellular lipid as shown in Figure 2-3. This in turn provides strong
evidence that the retention of carbon during nitrogen depletion is essential for high lipid
accumulation. Likewise, this correlation implicates ACL for the ability of yeast cells to
metabolize citrate and shunt the product acetyl-CoA into fatty acid synthesis, thus
prohibiting its excretion. Previously it has been shown that nitrogen depletion during
growth stimulates ACL activity in cell extracts of the oleaginous yeasts, C. curvatus and
R. toruloides (14). More recently, transcriptomic analysis has shown no increase in the
expression of ACL in R. toruloides or Y. lipolytica when comparing nitrogen replete to
nitrogen limited growth conditions (15, 16).In order to test the effect of nitrogen
limitation on ACL activity in Y. lipolytica, ACL activity was tested in cell extracts
derived from growths during nitrogen replete and nitrogen limited conditions (Table 2-1).
The results demonstrate that ACL activity of R. toruloides increases under nitrogen
limiting conditions approximately 4-fold, similar to that shown by Evans et al. (17).
However, ACL activity of Y. lipolytica does not change under similar conditions.
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Figure 2-3: Inhibition of citrate export leads to an increase in lipid content in
Yarrowia lipolytica. The increase in concentration of a proposed plasma membrane
citrate exporter, 1,2,3-Benzenetricarboxylic acid (BTC), causes cessation of citrate
export (○) and the corresponding increase in % FAME content (●) under nitrogen
limiting growth conditions.

Table 2-1: ACL activity in cell extracts of Y. lipolytica and R. toruloides under
nitrogen replete and nitrogen depleted conditions.
ACL Activity (nmol min-1 mg-1)
Growth Condition

Y. lipolytica

R. toruloides

Nitrogen Depleted

3.3

12.7

Nitrogen Replete

5.3

3.8
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H. sapiens
R. toruloides
Y. lipolytica

444-STSTPAPSRTASFSESRADEVAPAKKA-470
491-GTLTPVPGSPKSRAAQLPTGASTPSRQ-517
471-ALLGKRPKNVKPFGTGPSTEASTPLGV-497-end of ACL2

Figure 2-4: Predicted and actual phosphorylation sites between ACL homologs.
Phosphorylation sites highlighted in yellow are predicted phosphorylation sites using
the NetPhosphYeast Server created by Ingrell et al. (20) as well as experimentally
determined to be phosphorylated by Potapova et al. (18). Phosphorylation sites in
blue are predicted phosphorylation sites also identified by the NetPhosphYeast
Server.
It has previously been demonstrated that human ACL (hACL) when that human
ACL (hACL) when phosphorylated, incurs a 6-fold increase in Vmax and displays positive
cooperativity with respect to citrate in contrast to the non-phosphorylated form that
displays negative cooperativity (18). Protein alignments of the various ACL homologs
demonstrate variability at potential phosphorylation sites even though the proteins share
greater than 65% identity. These substitutions occur close to the gap between ACL1 and
ACL2 of Y. lipolytica when compared to the homomeric ACL from humans and R.
toruloides (Figure 2-4). In addition, phosphokinases have been shown to bind near this
region of hACL (19). In order to provide evidence for post-translational modification
occurring during nitrogen limitation, ACL was partially purified and extracted from SDSPAGE and analyzed by mass spectrometery.
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Table 2-2: Purification Table of ACL from Y. lipolytica
Total
Units

Specific Activity
(nmol min-1 mg -1)

Protein
(mg)

Purification
(fold)

Yield
(%)

Crude Extract

7.4

4.7

1570.8

1

100

Anion Exchange
(Q-sepharose)

1.1

181.5

6.0

38.7

17.4

Gel Filtration
(Sephacryl-S300)

0.5

663.4

0.8

141.5

8.7

Method

Figure 2-5: SDS-PAGE of Purification of ACL from Y. lipolytica. Fraction
showing major bands ACL1 and ACL2 at 71kDa and 54kDa, respectively, after
ion-exchange and size-exclusion chromatography (lane 2). Sample from lane 2
after 24hr dialysis (lane 1). Elutions after hydroxyapatite chromatography (lanes
4-6).
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Approximately 5% of ACL was shown to be phosphorylated at the two indicated
phosphorylation sites in Figure 2-4 when Y. lipolytica was grown under nitrogen
limitation. In order to investigate ACL, attempts to purify ACL from Y. lipolytica were
carried out. ACL was purified approximately 140-fold by using a range of purification
methods (Table 2-2). ACL1 appears at the expected molecular weight of approximately
72 kDa and ACL2 appears at 54 kDa (Figure 2-5, lane 2). Degradation of ACL1 and
subsequent loss in activity was quite prevalent especially when buffers not containing
glycerol were utilized during the purification similar to that observed by Shashi et al.
The full length band of ACL at 72kDa degrades to a band at approximately 40kDa
(Figure 2-5, lanes 4-6). Furthermore, the addition of protease inhibitors such as 4-(2Aminoethyl) benzenesulfonyl fluoride (AEBSF), EDTA, leupeptin, and pepstatin in the
lysis buffer did not abolish degradation and the apparent loss in activity during
purification.
CONCLUSIONS
The fate of citrate plays a critical role in lipid accumulation in the oleaginous
yeast, Y. lipolytica. Y. lipolytica both accumulated citrate and excreted citrate whereas
higher lipid-accumulating oleaginous yeasts (C. curvatus and R. toruloides) did not
accumulate significant quantities of citrate and did not secrete any detectable citrate. The
investigation of ACL is compelling since increasing evidence compiles for its critical role
in lipid accumulation. Enhanced activity in higher lipid accumulating strains upon
nitrogen depletion concurrent with lipid accumulation may indicate post-translational
modification. Further evaluation of potential modification sites brought on by nitrogen

54

limitation in vivo as well as kinetic evaluation of ACL activity in vitro with preparation
of stabile enzyme will be necessary.
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CHAPTER 3
TWO-STEP PRODUCTION OF BIODIESEL BLENDS FROM OLEAGINOUS
YEAST AND MICROALGAE1
ABSTRACT
Biodiesel produced from oleaginous microorganisms shows promise in displacing
use of petroleum diesel fuel, however, low biodiesel yields and rigorous processing have
thwarted large-scale commercialization. Here, we report a simple and efficient two-step
process for generating biodiesel blends from microbial biomass, which eliminates the
need for solvent extractions, distillations, or additional purifications. In the present work,
diesel fuel was utilized to extract biodiesel produced from direct transesterification of the
yeast, Cryptococcus curvatus, and microalgae, Scenedesmus dimorphus, thus generating
a blend of microbial biodiesel and diesel fuel. Up to 93% and 83% of the produced
biodiesel is extracted from both yeast and microalgae, respectively, whereas the majority
of pigments are excluded. A B20 blend produced from yeast meets key ASTM fuel
requirements including flash point, viscosity, sulfur, oxidation stability, and acid number.
Integration of experimental data into system models reveals a 25% reduction in the net
energy ratio (NER) with the process presented here compared to traditional solvent
extraction.

1

Coauthored by Alex T. McCurdy, Andrew J. Higham, Michael R. Morgan, Lance C.
Seefeldt (2014) Fuel 137 269-276. Reprinted with Permission.
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Introduction
Several approaches to producing renewable liquid fuels biologically have already
been developed and demonstrated at large scale to replace petroleum-derived fuels [1].
One such biofuel is biodiesel, which has been produced from various feedstocks
including oils derived from land-based crops, microbes, and waste grease [2]. Biodiesel
may displace the middle distillate of petroleum, diesel fuel, which is the most-utilized
liquid fuel worldwide and its use is expected to rise due to industrialization of developing
nations [3,4]. Chemically, biodiesel is composed of fatty acid alkyl esters, which are
most commonly produced through either acid or base-catalyzed transesterification of
triacylglycerides (TAG) and fatty acids using short chain alcohols.
Several issues have limited the potential of biodiesel as an alternative to
petroleum diesel. First, the most commonly used feedstocks, land-based crops (e.g.
soybeans, canola), generate low oil yields per acre [5]. Second, the downstream
processing of these oils and subsequent conversion to biodiesel have high energy
demand, generate oil losses, and require large amounts of water and chemicals [6].
Third, due to high gel point, low oxidative stability, and inferior fuel economy of
biodiesel, blending with diesel fuel is usually required for use in most engines [7]. In
order to mitigate the shortcomings of current biodiesel production, studies have
investigated the minimization of the energy inputs of downstream processing for
biodiesel production. One report investigated the direct transesterification of macroalgae
using hexane as a co-solvent to eliminate the need for an additional step of extraction [8].
Also, studies have demonstrated the potential of diesel fuel as a solvent for enzyme-
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catalyzed transesterification of TAG thus generating a blend in order to eliminate the
need for a solvent separation process [9]. The use of diesel fuel has also been shown to
have good extraction efficiency at extracting triglyceride oils from peanuts using dieselbased reverse-micellar microemulsions [10]. These are novel techniques which
contribute to efficient means of biofuel production, however the feasibility of these
processes are limited by the materials and reagents required as well as the feedstocks
utilized in these processes.
Oleaginous microbes, which produce high levels of lipids, are gaining momentum
as potential feedstocks for biodiesel production. Lipids accumulated in the cell, mostly
in the form of TAG, are ideal biodiesel precursors owing to their high energy density. A
means of producing biodiesel directly from dried microalgae via direct transesterification
has recently been developed. In this methanolysis process, methanol and sulfuric acid are
reacted with dry microbial biomass to simultaneously extract and convert lipids into fatty
acid methyl esters (FAME), the constituents of biodiesel. This process not only
transesterifies neutral lipids but an additional yield of 5-10% is obtained due to
transesterification of phospholipids and the esterification of free fatty acids that cannot be
reasonably extracted with conventional solvent extraction techniques [11]. However, the
presence of contaminants introduced by the biomass (i.e., pigments) makes solvent
extraction of the produced biodiesel and its purification necessary [12]. In spite of these
limitations, it would be advantageous to demonstrate a biodiesel production process that
is compatible with highly productive feedstocks, such as microbes, while not requiring
extensive processing and purification of the biofuel. In order to reduce the energy inputs
of purification concurrent with producing a biodiesel blend that is compatible with
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current fuel infrastructure, here we demonstrate and optimize the use of petroleum diesel
fuel as an extractant of biodiesel produced from yeast and microalgae.

Materials and Methods
Chemicals and reagents
Reagents used in this study include ACS grade sulfuric acid, chloroform, and
glycerol, which were purchased from Fisher Scientific (Hampton, New Hampshire), as
well as ACS grade methanol from Pharmco-AAPER (Brookfield, CT). Diesel fuel was
acquired from Big West Oil (Logan, Utah) and was confirmed to contain no biodiesel by
GC-MS analysis. FAME standards, monopalmitin, dipalmitin, and tripalmitin were
obtained from Nu-chek Prep Inc. (Elysian, Minnesota). N-MethylN(trimethylsilyl)trifluoroacetamide (MSTFA) was purchased from Sigma-Aldrich. All
nutrients and chemicals for media were purchased from Alfa Aesar (Ward Hill,
Massachusetts) unless stated otherwise.
Strains and culture conditions
The yeast, Cryptococcus curvatus (ATCC 20509), was obtained from the
American Type Culture Collection (ATCC, Manassas, VA). C. curvatus was maintained
and grown as previously described except that a 100 L fermenter (Bioflow 610, New
Brunswick, Enfield, Connecticut) was utilized with the medium modified to include
sucrose in place of glucose [13]. The culture was incubated for 3 days at 30 °C, with
dissolved oxygen set at 20%. The pH was maintained at 5.0 with 5M sodium hydroxide.
Foam was controlled by addition of propylene glycol. Culture was concentrated using a
continuous centrifuge (Z41 model, CEPA, Lahr, Germany). Collected microbial paste
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was snap-frozen in liquid nitrogen and broken into small pieces and dried by
lyophilization (Freezone 4.5, Labconco, Kansas City, MO). After drying, the biomass
was crushed with mortar and pestle and further homogenized by blending (Waring
7011Hg, Conair, Stamford, CT). The yeast biomass from a single 100L growth was
utilized throughout all experiments conducted.
The microalgae Scenedesmus dimorphus (UTEX 417), was obtained from The
Culture Collection of Algae at the University of Texas at Austin (UTEX). All cultures
were grown in BG-11 media modified to contain 0.3 g L-1 sodium nitrate in order to stress
for lipid production [14]. Algal culture was grown as previously described except that
four 5L flasks were used to inoculate 220L raceways [11]. Raceway cultures were
harvested when optical density at 750nm did not increase for two consecutive days. The
total culture volume was concentrated using a tangential-flow concentrator (AG
Technologies, Needham, MA) and pelleted to a wet paste by centrifugation. Collected
algal paste was frozen, dried, and homogenized in the same manner as the yeast. The
same homogenized biomass from two raceways under identical conditions was used
throughout this study.
Direct transesterification
Samples of yeast and algal biomass were converted via direct transesterification
according to Wahlen et al. except that conversions were performed in screw cap test
tubes (16mm x 100mm, Pyrex, Tewksbury, MA) on a heat block (digital dry block heater
210W, VWR, Radnor, PA) maintained at 80 oC for six hours, and mixed by vortexing
every 15 minutes [11].
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Reaction solvent volume to biomass conversion efficiency
For reaction solvent volume to biomass conversion efficiency experiments, 100
mg of either yeast or microalgal biomass was added to the appropriate volume of reaction
solvent. The reaction solvent contained 2% sulfuric acid (% v:v) in methanol. Samples
containing FAME and unconverted lipids were exhaustively extracted and prepared as
previously described [11].
Diesel extraction
For diesel extraction experiments, 1 g of either yeast or microalgae biomass was
converted in 10 mL of reaction solvent (10:1 reaction solvent volume:biomass) identical
to that for the reaction solvent volume experiments. The produced reaction mixture was
then subjected to the addition of diesel fuel at various volumes to test certain aspects of
the diesel extraction process.
Diesel extraction procedure
The direct transesterification reaction was added to graduated test tubes (17mm x
120mm, Cole-Parmer, Vernon Hills, IL) and were tared. The appropriate volume of
diesel for the particular diesel to reaction solvent volume ratio was added to the test tubes
and the mass of the diesel was recorded. The test tubes were then wrapped in parafilm to
prevent evaporation of methanol or volatile compounds present in the diesel and were
vortexed at high speed for 5 minutes. Additional mixing time or mixing speed was found
not to improve extraction efficiency. The test tubes were then centrifuged at 2515 rpm
(Clay Adams Dynac, Parsippany, NY) to force separation of the diesel and FAME in the
top layer and the methanol, sulfuric acid, and biomass in the bottom layer. The volume
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of the diesel extract was recorded and the diesel extract was analytically removed with a
gas-tight syringe and placed into tared test tubes such that the percent recovery of the
diesel could be measured gravimetrically. Samples of the diesel extracts were stored at 20 oC until analysis could be carried out.
Gas chromatography
For all quantitative and qualitative analyses, a gas chromatograph (Model 2010,
Shimadzu Scientific, Columbia, MD) equipped with a programmable temperature
vaporizer (PTV), split/splitless injector, flame ionization detector (FID), mass
spectrometer (MS) (GCMS-QP2010S, Shimadzu Scientific, Columbia, MD), and
autosampler was utilized.
FAME quantitation
Fatty acid methyl ester (FAME) content of each sample from direct
transesterification and diesel extraction experiments was determined according to Wahlen
et al. [11].
Diesel to reaction solvent volume FAME extraction efficiency
Diesel extract samples produced at various diesel to reaction solvent ratios were
diluted such that each FAME peak fell within the detector calibration. The amount of
FAME extracted at different diesel to reaction solvent volumes was quantified by
integrating peaks with retention times identical to those determined to be FAME by the
reaction solvent volume to biomass experiments as well as by GC-MS analysis by
comparing the mass fragment pattern of each resolved peak to the National Institute of
Standards and Technology (NIST) 2005 mass spectral library (NIST, Gaithersburg, MD)
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using the software GC-MS postrun analysis v2.3 (Shimadzu Scientific, Columbia, MD).
Diesel fuel confirmed not to contain biodiesel was diluted identically to the diesel
extracts and run alongside the diesel extracts on the GC to confirm that the quantified
FAME peaks were not components of diesel fuel. The total mass of FAME in the diesel
was calculated using the volume determined during separation as well as dilution factors.
The percent extracted was then calculated as the total mass of FAME in the diesel out of
the total mass of FAME as calculated with the original known mass of yeast or
microalgae biomass used in the direct transesterification reaction.
Total glycerin
Diesel extract samples for free glycerin were prepared similar to Munari et al. by
derivatizing 100 mg of diesel extract with 100 µL of MSTFA for 30 minutes at room
temperature [15]. The volume was then diluted to 5 mL with chloroform in a volumetric
flask and mixed before a 1 mL sample was taken for GC-MS analysis. Derivatized
glycerol was resolved by GC-MS using an XTI column (30 m, 0.32 mm ID, and 0.25 µm
film thickness) (Restek, Bellefonte, PA). Samples were run directly on the column and
the oven temperature program started at 40 oC for five minutes followed by a temperature
ramp of 10 oC per minute to 180 oC for five minutes. The amount of derivatized glycerol
was determined by linear regression analysis using standards ranging from 0.002 mg mL1

to 0.1mg mL-1 of glycerol similarly derivatized with MSTFA. Samples for quantitation

of monoglycerides, diglycerides, and triglycerides were prepared and run similar to
Munari et al. as previously described. The detector response was calibrated using
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standards of monopalmitin, dipalmitin, and tripalmitin with concentrations ranging from
0.001 mg mL-1 to 0.05 mg mL-1 similarly derivatized with MSTFA.
Methanol quantitation
The methanol content of undiluted diesel extracts was determined by GC-MS as
previously explained with the split/splitless injector connected to a XTI-5 column with a
split ratio of 150:1. Standards of diesel spiked with various amounts of methanol ranging
from 0.1 to 4% (% g/g) were used to calibrate the mass spectrometer response.
Qualitative analysis of diesel extracts
For qualitative analysis of diesel extracts, analytes were separated using an HT5
column (30 m, 0.25 mm ID, and 0.10 µm film thickness) (Forte HT5 column; SGE
Analytical Science, Austin, TX) and detected with a mass spectrometer set to maintain an
interface and ion source temperature of 340 and 200 °C, respectively. Helium was used
as the carrier gas set to a constant velocity of 50 cm s−1. The injector temperature was set
at 370 °C and the column was initially set at a temperature of 60 °C for 1 minute. The
oven temperature was then increased to a temperature of 200 °C at a rate of 5 °C per
minute and then further increased to 340 °C at a rate of 10 °C per minute and held for 5
minutes. The mass spectrometer scanned a mass range of 35 to 500 m/z at a rate of 1000
scans s−1.
Pigment content
The amount of pigment, chlorophyll from the microalgae and carotenoids from
the yeast, were quantified spectrophotometrically using a Varian 50 Bio UV–Visible
spectrophotometer (Varian Inc., US). The samples were diluted as necessary to give a
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value under one absorbance unit. The concentration of either chlorophyll or carotenoids
in the diesel extract compared to the methanol layer was calculated according to
Lichtenthaler and Wellburn, using the following set equations [16,17]:
Chlorophyll a (µg mL-1) = 15.65(A666)-7.34(A653)
Chlorophyll b (µg mL-1) = 27.05(A653) – 11.21(A666)

(1)

Total Carotenoids (µg mL-1) = (1000A470-2.86Ca – 129.2Cb)/245
The methanol layers were blanked against the reaction solvent, which contained 2%
sulfuric acid in methanol (% v/v). The diesel extracts were blanked against diesel fuel
blended with purified biodiesel produced from yeast or microalgae to the appropriate
blend based upon the diesel to reaction solvent volume ratio being tested. The purified
biodiesel was produced and purified according to Wahlen et al. for both yeast and
microalgae [13]. The values are represented as the percent of the pigments extracted into
the diesel extract over the various diesel to reaction solvent volume ratios tested. The
percent pigment extracted is calculated as the amount of pigment in the diesel extract out
of the total pigment in the diesel extract and the methanol layer.
Production of a B20 blend from direct transesterification of yeast biomass
In order to produce enough of an approximate B20 diesel extract for fuel testing,
100 g of yeast biomass (67.1 ± 0.8% FAME content) was subjected to the direct
transesterification in 1 L of 2% sulfuric acid in methanol (% v:v). The reaction was
maintained at 62 oC and mixed continuously with a magnetic stir plate in a two-neck 2 L
round bottom flask for six hours. The round bottom flask was attached to a reflux
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condenser in order to prevent evaporation of the methanol. After the reaction was
complete, 300 mL of diesel (0.3:1 diesel to reaction solvent volume ratio) was added to
the reaction and was mixed for 15 minutes. The total volume was then poured into teflon
centrifuge bottles (Thermo Scientific, Waltham, MA), sealed with sealing cap assemblies
(Thermo Scientific, Waltham, MA) designed for the bottles, and centrifuged at 5,000
rpm. The diesel extract was then pulled off and subjected to heating in a clean 2 L roundbottom flask at 100 oC for 15 minutes to remove residual methanol. The biodiesel
content of the blend was confirmed by the concentration of FAME in the diesel extracts
as previously described.
American Society of Testing and Materials (ASTM) tests
The produced B20 blend was subject to the following ASTM sanctioned tests and
were performed by Bently Tribology (Sparks, NV) according to ASTM D7467: Diesel
Blends B6 to B20. Flash Point was measured according to ASTM D93 by Pensky
Martens closed cup and given in degrees Celsius (oC). Viscosity was measured according
to ASTM D445 at 40 oC and given in centistrokes (cSt). Sulfur content was measured
according to ASTM D5453 by UV fluorescence and given in parts per million (ppm).
Oxidation stability was measured according to EN15751 rancimat and given in hours
(hrs). Acid number was measured according to ASTM D664 and given in milligrams of
potassium hydroxide per gram of sample (mg KOH/g).
Net energy ratio (NER) calculations
An evaluation of the life cycle energetics of the studied recovery system
compared to a traditional solvent recovery system was evaluated. The two pathways
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were compared on the metrics of net energy ratio (NER). The NER is defined here as the
energy in over the energy produced with a NER of less than 1 desirable. The
foundational modeling work involves the construction of an engineering system model
that accurately tracks energy and mass flow between sub-process models. The subprocess models were validated with experimental and literature data and are intended to
be representative of a large-scale industrial processing facility. The modeling effort is
based on a yeast feedstock with a 70% lipid content and dried to 98% moisture. The
primary assumptions for the sub-process models of the presented experimental system
are: in situ transesterification: 98% conversion efficiency requiring 5.27 MJ kg-oil-1 and
0.09 kWhr kg-oil-1 heating and electrical energy; diesel extraction: 1.5:1 diesel:reaction
volume ratio, 98% extraction efficiency, and 98% product recovery [18,19]. The solvent
recovery pathway includes the solvent recovery of lipids, base-catalyzed
transesterification, and a solvent biofuel recovery [18,20–23]. Primary assumptions for
the three sub processes are: solvent extraction: 2:1 solvent to biomass ratio (vol:vol), 2.64
MJ kg-oil-1 and 0.04 kWhr kg-oil-1 heating and electrical energy, and a 95% extraction
efficiency [18,20–22]; transesterification: 98% conversion efficiency, and 3.75 MJ kg-oil1

and 0.1 kWhr kg-oil-1 heating and electrical energy [20,24]; biodiesel recovery: 99%

recovery efficiency, 1:1 solvent to mixture ratio (vol:vol), 2.3 MJ kg-oil-1 and 0.03 kWhr
kg-oil-1 heating and electrical energy [18,20–22,24]
A detailed description of the inputs and assumptions for the modeling effort are presented
in the supplemental materials. The life cycle modeling system boundary includes the
energy requirements associated with the processing of yeast biomass to fuel through
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either the presented diesel extraction pathway or a traditional solvent pathway and is
defined to facilitate a direct comparison between the two pathways.
Results and Discussion
Optimization of reaction solvent volume to biomass
In order to minimize the amount of solvent necessary to fully convert yeast and
microalgae biomass, various reaction solvent volume to biomass ratios were tested
including 2:1, 5:1, 10:1, and 20:1 (volume:weight). It was found that a reaction solvent
volume to biomass ratio of 10:1 was sufficient to fully convert all saponifiable lipid and
free fatty acids into FAME in both yeast and microalgal biomass as the higher ratio of
20:1 did not increase quantified FAME (Figure 3-1). These results demonstrate that less
solvent can be utilized in comparison to other studies for direct transesterification, and
appears to be dependent on the amount of biomass utilized in the reaction rather than the
total FAME content [11,25]. This is apparent as a 10:1 ratio was sufficient for both the
yeast biomass which contained 67.1 ± 0.8% FAME content and the microalgae which
contained 26.2 ± 0.9% FAME content. This information is relevant since the amount of
methanol required for conversion would have significant effect on the energy input in
maintaining reaction temperature and the distillation of the methanol for its recapture.
Likewise, the reaction volume of the direct tranesterification could have an impact on the
efficacy of diesel as an extractant of the produced FAME as well as the partitioning of
pigments introduced by the biomass.
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Figure 3-1: Reaction solvent volume to biomass transesterification efficiency of
yeast and algae. The FAME yield produced from direct transesterification of biomass
from the microalgae, Scenedesmus dimorphus (○), and the FAME yield produced
from the yeast, Cryptococcus curvatus (), over several reaction solvent volume to
biomass ratios including 2:1, 5:1, 10:1, and 20:1 (volume:weight). The reaction
solvent contained 2% sulfuric acid in methanol (% v:v). The total FAME was
normalized from the maximum amount of FAME produced from 100 mg of microbial
biomass in each case. Error bars are shown with standard deviation of the mean.
Effect of diesel volume added to the direct transesterification
The effect of the volume of diesel on the characteristics of the produced diesel
extracts was evaluated by testing various diesel volumes added to the direct
transesterification of yeast and microalgae including 0.08:1, 0.3:1, 0.7:1, 1.5:1, and 4:1
(volume:volume). Chromatograms showing diesel fuel before and after extraction of
FAME produced from the direct transesterification of yeast and microalgae are shown in
Figure 3-2.
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FAME extraction
The amount of FAME extracted from the direct transesterification was evaluated against
various volumes of diesel fuel. For the reaction of yeast biomass, the diesel to reaction solvent
volume ratio of 1.5:1 maximized FAME extraction with 93.0 ± 3.3%, however, even the lowest

ratio of 0.08:1 did very well at extracting 77.2 ± 5.6% of available FAME. For
microalgae, the diesel to reaction solvent volume ratio of 1.5:1 also maximized FAME
extraction with 82.6 ± 1.5%, however, lower ratios suffered low FAME extraction with
as low as 30.4 ± 1.6% for the 0.08:1 ratio (Figure 3-3). It is likely that the microalgal
biomass introduces emulsifying compounds, which interfere with proper separation of the
diesel and methanol layers. This phenomenon is supported by the fact that the amount of
diesel recovered is reduced at lower diesel to reaction solvent volume ratios for
microalgae (Table 3-1). Overall, diesel fuel demonstrates good extraction efficiency of
FAME from direct transesterification of yeast and microalgae biomass without the need
for copious amounts of solvent or the addition of water as demonstrated in other
FAME/lipid solvent extraction techniques [25, 26].

Diesel recovery
The amount of diesel recovered during extraction would likely be a key determinant
in optimization of the two-step diesel extraction process. The loss of diesel fuel during
extraction due to emulsification would likely lead to large energy inputs in its recapture.
It was found that for both the direct transesterification of yeast and

71

Figure 3-2: GC trace of unblended diesel before and after extraction of fatty
acid methyl esters (FAME) produced from direct transesterification of yeast
and microalgae. A. Petroleum diesel blend verified to contain no biodiesel. B.
Diesel blend after extraction of FAME produced from direct transesterification of
the yeast, Cryptococcus curvatus. C. Diesel blend after extraction of FAME
produced from direct transesterification of the microalgae, Scenedesmus dimorphus.
Indicated compounds are methyl palmitate (1), methyl oleate (2), methyl stearate
(3), and methyl tetracosanoate (4).
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Figure 3-3: Effect of different diesel to reaction solvent volume ratios on FAME
extraction. The percent of FAME extracted from the direct transesterification reaction of
the microalgae, Scenedesmus dimorphus (○) and the percent of FAME extracted from the
direct transesterification reaction of the yeast, Cryptococcus curvatus (), using different
diesel to reaction solvent volumes including 0.08:1, 0.3:1, 0.7:1, 1.5:1, and 4:1 (v:v). The
total available FAME for extraction is based upon the milligrams of FAME produced from
the direct transesterification reaction using the optimal 10:1 reaction solvent volume to
biomass ratio (volume:weight) for yeast and microalgae. Error bars are shown with
standard deviation of the mean.

microalgae, lower diesel to reaction solvent volume ratios led to a more pronounced
emulsification of the diesel fuel in the methanol layer. However, at larger diesel to
reaction solvent volume ratios, between 98 and 99% of the introduced diesel is recovered
(Table 3-1). This demonstrates that the use of diesel fuel acts much like other solvents in
solvent-based extraction processes like that used for hexane soybean oil extraction [27].
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Table 3-1: Blend properties based upon diesel to reaction solvent ratio (volume:volume)
Organism

Diesel:Reaction
Volume (v:v)c

% Diesel
Recoveryd

% Methanol
(% g/g)e

% Total Glycerin
(% g/g)f

Microalgaea

0.08:1

54.1 ± 8.2

3.6 ± 0.3

0.046 ± 0.005

0.3:1

82.7 ± 1.5

2.4 ± 0.1

0.017 ± 0.002

0.7:1

93.5 ± 2.3

1.5 ± 0.4

0.006 ± 0.002

1.5:1

95.6 ± 1.5

1.1 ± 0.2

0.003 ± 0.001

4:1

97.8 ± 0.4

1.1 ± 0.3

NDg

0.08:1

75.7 ± 1.6

0.7 ± 0.4

0.009 ± 0.001

0.3:1

80.7 ± 0.6

1.2 ± 0.1

0.003 ± 0.001

0.7:1

93.3 ± 0.6

0.9 ± 0.3

0.002 ± 0.001

1.5:1

97.0 ± 0.9

1.1 ± 0.5

NDg

4:1

98.9 ± 0.4

0.7 ± 0.4

NDg

Yeastb

a

The microalgae strain Scenedesmus dimorphus.

b

The yeast strain Cryptococcus curvatus.

c

The volumetric ratio of diesel added to the direct transesterification reaction.

d

The mass of diesel recovered in the diesel extract.

e

The percent mass of methanol in the diesel extracts as quantified by GC-MS analysis.

f

The percent mass of free and bound glycerides in the diesel extracts determined via
GC-MS and GC-FID, respectively, and calculated according to Munari et al.
g

Not detectable with a detection limit of free glycerides at 0.01% (% g/g) and each
bound glyceride at 0.005% (% g/g).
The average and standard deviation of the data are shown.
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Figure 3-4: Effect of different diesel to reaction solvent volume ratios on percent
of pigments extracted. The amount of chlorophyll and carotenoids extracted into
the diesel extracts using different diesel to reaction solvent ratios including 0.08:1,
0.3:1, 0.7:1, 1.5:1, and 4:1 (v:v) to the direct transesterifcation reaction of the
microalgae, Scenedesmus dimorphus (○) and the yeast, Cryptococcus curvatus (),
respectively. The amount of pigment in each layer was calculated
spectrophotometrically according to Lichtenthaler et al. Error bars are shown with
standard deviation of the mean.

Pigment co-extraction
The introduction of non-polar pigments presented by the biomass in the direct
transesterification reaction makes downstream purification processes necessary.
Carotenoids in yeast and chlorophyll in microalgae are the most common contaminants in
microbial biodiesel production since they are likewise non-polar and are co-extracted
with solvent-based extraction [12]. Since products of both triglyceride and biodiesel
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Figure 3-5: Image demonstrating the separation of diesel and methanol layers
after centrifugation. Left. Separation of the produced diesel blend after extraction
FAME produced from direct transesterification of the yeast, Cryptococcus curvatus.
Right. Separation of the produced diesel blend after extraction of FAME produced
from direct transesterification of the microalgae, Scenedesmus dimorphus. Layers are
indicated as the biodiesel/diesel layer, the reaction solvent containing methanol and
sulfuric acid, and pelleted residual biomass.
extraction require decolorizing and other purification processes, developing a procedure
that can avoid these energy inputs would be advantageous [6,28]. For the direct
transesterification of yeast biomass, a diesel to reaction solvent volume ratio of 0.08:1
excludes greater than 96% of carotenoids in the produced diesel extract. Similarly,
greater than 99% of chlorophyll is excluded in diesel extracts from microalgae (Figure 34, Figure 3-5). Carotenoids were not detected in the diesel extracts of microalgae
biomass. It is likely that the acid present during reaction not only promotes cell lysis and
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acts as a catalyst for the transesterification, but may also contribute to the breakdown of
chlorophyll and carotenoid pigments. It has been reported that acid may contribute to the
hydrolysis of chlorophyll removing magnesium ion forming pheophytin, and it may also
be further hydrolyzed such that the phytol constituent is released leaving only the
protoporphyrin ring [29,30]. Similarly, it is known that carotenoids are prone to
oxidative degradation under elevated temperatures in the presence of acid, which may be
accelerated by the presence of compounds present after cell lysis [31]. In either case it is
likely that any pigments present may be structurally changed in such a way that they are
partitioned into the more polar methanol layer and thereby excluded from the diesel
extracts.
Methanol content
Methanol and diesel fuel are nearly immiscible in one another, which allows for
proper separation of the two layers after centrifugation. However, the presence of a
microemulsion of methanol in the produced extract would likely lower the flash point
below acceptable ASTM standards as well as the energy density [32]. In order to
quantify the amount of methanol in the produced extracts, samples from different diesel
to reaction volume ratios were evaluated. Over the various diesel to reaction volumes
tested, most of the methanol content in the produced extracts were around 1% by mass,
however at lower diesel to reaction volume ratios these numbers increased to over 2% for
yeast and over 3% for microalgae in the case of the 0.08:1 diesel to reaction solvent
volume (Table 3-1). The presence of this microemulsion of methanol produced in the

77

diesel extracts would likely require quick distillation of residual methanol to ensure the
diesel blend quality.
Total glycerin
The presence of glycerin derivatives including free glycerol and bound glycerides
(i.e. monoglycerides, diglycerides, triglycerides) in the produced extracts would result
from incomplete conversion and subsequent extraction by the diesel fuel. The presence
of free and bound glycerides have been determined to lead to storage stability problems
as well as causing detrimental effects on engines including injector fouling, deposits on
internal engine parts, and higher aldehyde emissions [33,34]. Free glycerol was not
detectable in any of the diesel extracts from either microalgae or yeast. The amount of
bound glycerides (monoglycerides, diglycerides, and triglycerides) is minimal in both
yeast and microalgae diesel extracts (Table 3-1).
ASTM evaluation of B20 biodiesel blend from yeast
In order to evaluate the blends produced from the two-step process, an
approximate B20 blend produced from yeast was subject to a series of ASTM sanctioned
tests. These tests include flash point, viscosity, sulfur, oxidation stability, and acid
number. These tests were chosen as these parameters were thought to potentially
implicate the quality of the produced blends using the two-step diesel extraction process.
First, the detection of a microemulsion of methanol in the diesel extracts was considered
to be a possible concern, as it would likely affect the flash point. Samples evaluated for
flash point directly after extraction were found to have flash point values under the
allowed minimum limit since some methanol is co-extracted into the diesel layer (Table
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3-1). In order to produce a blend with an acceptable value, the B20 blend was subject to
heating at 100 oC to distill off any residual methanol while not losing any of the diesel
fuel as the distillation range of diesel fuel is between 200 and 300 oC [35]. The fact that
most of these extracts contained around 1% methanol by mass demonstrates that the extra
distillation step would not be energy intensive. Since 2007, diesel fuel has been
mandated to contain less than 15 ppm sulfur, which requires hydrodesulfurization
[30,31]. Therefore, we saw it as necessary that the biomass introduced into the diesel
fuel during extraction did not contaminate the fuel beyond the limits allowed. The
ASTM test demonstrates that the sulfur values are well under the limit at 6.18 ppm.
Oxidation stability is often a quality that pure biodiesel fuel fails due to the lack of
antioxidants, which must be added after purification to prevent rancidification. Here, the
B20 blend demonstrates that the oxidation stability well outlasts the minimum of 6 hours
at nearly 36 hours. It is possible that the diesel fuel also co-extracts antioxidants such as
tocopherols from the biomass, thereby making their addition unnecessary [33]. The
direct transesterification contains sulfuric acid and/or the presence of unconverted fatty
acids that could be co-extracted by the diesel. To determine the presence of any fatty
acids or residual acids, the acid number was evaluated. The results show that the
maximum value of 0.3 (mg KOH/g) is met by the blend at a value of 0.26 (mg KOH/g).
Lastly, the viscosity, which would reflect any residual triglycerides, was shown to fall
well within the limits at 2.7 cSt [34]. All tests reported for the yeast B20 blend generated
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Table 3-2: Select fuel properties of a yeast biodiesel blend produced from two-step diesel
extraction
Test Name (units)
Flash Pointd (°C)

Yeast B20a
72.5

Soybean B20b

ASTM Requirementc

68

≥52

Viscositye (cSt)

2.7

2.5

1.9 - 4.1

Sulfurf (ppm)

6.18

2.28

≤15

Oxidation Stabilityg (hrs)

35.93

3.04

≥6

Acid Numberh (mg KOH/g)

0.26

0.12

≤0.3

a

Approximate B20 blend produced from two-step diesel extraction of yeast
Fuel properties of a soybean B20 blend measured by Pala-En et al.
c
Requirements of ASTM D7467: Diesel Blends B6 to B20
d
Measurement made according to test method ASTM D93 by Pensky Martens closed cup
e
Measurement made according to test method ASTM D445 at 40oC.
f
Measurement made according to test method ASTM D5453 by UV fluorescence
g
Measurement made by rancimat according to test method EN15751
h
Measurement made according to test method ASTM D664
b

from the diesel extraction process had values which fell within ASTM requirements and
gave similar values to a B20 blend produced from soybean biodiesel (Table 3-2).
Energetics of microbial biodiesel production
In order to compare the two-step diesel extraction procedure presented here to
traditional biodiesel production by solvent extraction and conversion methodologies,
experimental data was integrated into engineering system models to evaluate the impact
on the metric of NER. The initial input for each process flow starts with dry microbial
biomass containing 70% lipid and ends with B100 utilizing traditional solvent extraction
and conversion and a B5 blend generated from the two-step diesel extraction procedure
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(Figure B-S1, APPENDIX B). The results show a 25% energy savings with the two-step
diesel extraction procedure compared to the traditional method. Diesel extraction gives a
NER of 0.17 whereas traditional solvent extraction gives a NER of 0.24. Further detail
and explanation of the NER calculations can be found in Appendix (Figures B-S1-S6,
Tables B-S1 and B-S2, APPENDIX B).
Conclusions
Here we demonstrate that the use of petroleum diesel fuel selectively and
efficiently extracts biodiesel produced from direct transesterification of yeast and algae
biomass. The two-step diesel extraction procedure can bypass intermediate steps of
traditional biodiesel production which reduces the NER of microbial biodiesel production
and recovery by 25%. A B20 biodiesel blend produced from yeast passes select ASTM
tests and may allow direct use in diesel engines. Future work evaluating the scalability of
this process as well as co-extraction of other minor contaminants and their subsequent
effect on the produced fuel blends will be necessary.
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CHAPTER 4
UPGRADING DAIRY EFFLUENT INTO HIGH-VALUE LACTOFERRIN VIA
HETEROLOGOUS EXPRESSION IN KLUYVEROMYCES LACTIS 1
2

ABSTRACT
Here, we demonstrate utilization of an industrial food isolate yeast strain,
Kluyveromyces lactis, as a platform for heterologous production of lactoferrin.
Successful integration of blf into the genome of K. lactis did not show any detectable
levels of LF protein produced. However, a codon-optimized version, rblf, was
successfully integrated and appeared to secrete peptides consistent with degradation
products of LF. Further, the use of low-cost whey effluent as a carbon source for growth
of K. lactis for production of LF is discussed as a means of adding value to the dairy
chain.
INTRODUCTION
An estimated 3.2 billion pounds of delactosed whey permeate (called delac) is
produced annually in the USA from whey permeate during the production of cheese (1).
While some lactose can be recovered from the whey, a large portion is left and is
currently used merely as animal feed. Currently, lactoferrin is purified from the milk
stream in very low yields. Purified lactoferrin commands a premium market value of
$700/kg (unpublished work from the Seefeldt lab). Lactoferrin, an 80 kDa, non-heme,

1
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iron-binding glycoprotein, is a member of the transferrin family (2). This protein is the
primary iron-binding protein in milk, but it is also found in saliva, tears, mucus
secretions, and neutrophil granules (3). Lactoferrin’s primary cellular role is to transport
iron in the blood serum; however, lactoferrin also has several qualities that make it a
valuable nutraceutical due to its participation in the immune response, antiviral and
antimicrobial properties, and its ability to reduce tumor growth (4). Its antimicrobial
properties are primarily due to its ability to sequester iron at infected sites, inhibiting
proliferation of the microbe; however, lactoferrin can also cause microbial cell
lysis/damage by interacting with the surface of the invading cell (2). Lactoferrin plays a
role in the immune response by binding to negatively charged molecules, which triggers
signaling pathways that lead to differentiated cellular responses. Interestingly,
individuals with a lactoferrin deficiency have been found to have increased disease
recurrence (5). Some of lactoferrin’s antiflammatory and anticancer properties stem from
its ability to modulate the control of cytokines (2).
Native lactoferrin is typically derived from milk; however, recombinant protein
production is of particular interest because of the many benefits it offers as a food
additive (e.g. baby formula) and therapeutic agent. Prokaryotic and eukaryotic systems
have been successfully employed for lactoferrin production including various bacterial
(6), yeast (7), plant (8), insect (9), and mammalian platforms (10). Because of the great
nutraceutical potential of lactoferrin, there is strong interest in developing expression
platforms that can use low value sugars, such as lactose in delac. To our knowledge, this
protein has never been produced recombinantly in K. lactis, however some work has
shown success at expressing a peptide fragment of lactoferrin (lactoferricin) in K. lactis
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and was shown to have antimicrobial activity (11). K. lactis offers a number of
advantages as an expression system including its potential to perform post-translation
modifications such as glycosylation, its ability to secrete proteins, and its ability to grow
on lactose-based industrial effluent, which is already part of the waste stream in the
cheese production process.
MATERIALS AND METHODS
Chemicals and reagents
All growth nutrients and chemicals were purchased from Alfa Aesar (Ward Hill,
Massachusetts) unless stated otherwise.
Strains and culture conditions
K. lactis cell line GG799 was obtained from New England Biolabs (NEB,
Ipswich, MA). The yeast was maintained and grown as previously described on YPD
medium (12). Delac was obtained from Glanbia Foods located in Twin Falls, Idaho. For
growth, delac was homogenized and diluted 1:4. After autoclave sterilization, urea was
added as a nitrogen source at various concentrations. Growths were carried out for 48
hours at 30oC with shaking at 250 rpms. Growths for LF expression were carried out in
minimal yeast medium containing Yeast Nitrogen Base (YNB) without ammonium
sulfate containing 10mM acetamide, 20 g L-1 lactose, 500 µM ferric citrate, 1mg L-1
Histidine-HCl, and 2mg L-1 of both methionine and tryptophan. These growths were
carried out identical as stated before except that they were allowed to grow 72 hrs.
Elemental analysis
For elemental analysis, two samples were prepared. One of which was
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centrifuged and filtered to remove precipitates whereas the other was homogenized and
analyzed directly. Elemental analysis of the samples were performed by Utah Veterinary
Diagnostics Laboratory (UVDL), by ICP-MS analysis (ELAN 6000, Perkin Elmer,
Waltham, MA). The following elements were analyzed: Ag, Al, As, B, Ba, Be, Ca, Cd,
Co, Cr, Cu, Fe, Li, K, Mg, Mn, Mo, Na, Ni, P, Pb, Sb, Se, Si, Sn, Sr, Tl, V, and Zn.
Cloning and gene expression
The cDNA for lactoferrin (blf) from bovine (Bos taurus) was obtained from
Source Bioscience LifeSciences (Nottingham, UK) and first cloned into a pUC19 vector
to facilitate DNA sequencing using the LTF forward and LTF reverse primers. The K.
lactis protein expression kit obtained from NEB was used for all cloning in E. coli as well
as transformation into K. lactis (13). For the native cDNA sequence of blf, a XhoI site
was removed from blf by site-directed mutagenesis to allow cloning into the pKLAC2
vector via XhoI and NotI restriction sites in order to ultimately generate the native LF
protein sequence using LTF-SDM-FORWARD and LTF-SDM-REVERSE primers. This
vector was digested with SacII to generate an expression cassette for insertion into the
genome of K. lactis via homologous recombination. The transformation and selection of
transformants on YCB plates containing acetamide was performed as previously
described (13). After successful transformation colonies were picked and screened for
insertion of blf by crudely extracted genomic DNA (14). At least one colony was
demonstrated to integrate the gene in the desired location in the genome and the entire
sequence was verified by DNA sequencing. A list of strains, plasmids, and primers used
in this study are shown in table 4-1.
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Due to non-detectable levels of any LF expression, a synthetic gene was obtained
from Life Technologies (Grand Island, NY). This gene was codon-optimized for
expression in K. lactis to overcome codon bias and will be referred to as rblf (15). The
sequence was inserted into pKLAC2 and transformed into K. lactis as previously
explained.
RESULTS AND DISCUSSION
Delac compositional analysis
Delac, a waste by-product after crystallization of lactose from whey permeate
generated after cheese curd coagulation, was obtained from Glanbia Foods located in Twin
Falls, Idaho. Despite efforts to remove lactose through crystallization, a large portion is
left in the solution. The amounts of various elements and nutrients found in the delac
suspension were analyzed and compared to a traditional yeast medium with 26 of 29
detected elements being similar in concentration. The percent solids of the delac was found
to be 17.7% due to precipitates arising from the high levels of milk minerals. Comparison
of the elemental and carbohydrate composition of delac before and after removal or
precipitates are presented Table 4-2. Only major constituents are shown. The amounts of
sodium, phosphorous, potassium, calcium, and magnesium are much higher in delac than
in typical yeast growth medium (16).
Similarities in delac composition, specifically the large amount of lactose,
indicate the potential to effectively cultivate the yeast. The decreased amount of nitrate
determined in previous batches (<15 mg L-1) dictates the need to supplement nitrogen
(17). The other constituents present in delac which are not in traditional medium, are not
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Table 4-1: Strains, plasmids, and primers used in this study
Strain, plasmid, or
oligonucleotide primer

Relevant feature or sequence

Source

E. coli Jm109

Cloning strain

NEB England Biolab

K. lactis

GG799 cell line

NEB

pUC19

AmpR , lacZ, cloning vector

New England Biolabs

LTF-pExpress-C1

Bos Taurus blf, Clone IRCJp5010F0738D, AmpR

Source Bioscience

LTF-CodOpt-C1

rblf, Codon-optimized for K. lactis, AmpR

Life Technologies

LTF-Forward

GCAACATATGCTCGAGAAAAGAATGAAGCTCTTCGTCCCC

This study

LTF-Reverse

CAGATCTAGAGCGGCCGCTTACCTCGTCAGGAAGGC

This study

LTF-SDM-Forward

GACAGAGTCACTTGAGCCCCTCCAG

This study

LTF-SDM-Reverse

CTGGAGGGGCTCAAGTGACTCTGTC

This study

BBP129

GGCTCGTATGTTGTGTGGAATTGTGAGCGG

Brett Barney

LTFSEQF1

ACTGTGTCGTTTTTCACAAAGGCAACGTCCCC

This study

LTFSEQF2

CACCACACGACCCTGGTGTACCGCGCCTTC

This study

LTFFSEQF3

TCTAAGGAGAAGTACTATGGCTATACCGGG

This study

BBP159

GGTCACAGCTTGTCTGTAAGCGGATGC

Brett Barney

LTF-CodOpt-Kex-Forward

GCGCCTCGAGAAAAGAATGA AATTGTTCGTTCCAG

This study

LTF-CodOpt-Kex-Reverse

GCGCGCGGCCGCTCATCTAGTCAAGAAAGCAC

This study

LTF CodOpt Internal Forward 1

GGTGAAGGTGAAAATCAATGTGC

This study

LTF CodOpt Internal Reverse 1

GCACATTGATTTTCACCTTCACC

This study

LTF CodOpt Internal Forward 2

GAGTTGTTTGGTGTGCTG

This study

LTF CodOpt Internal Forward 3

GTGCTTTGTGTGCTGGTG

This study

Integration Primer 1

ACACACGTAAACGCGCTCGG

NEB

Integration Primer 2

ATCATCCTTGTCAGCGAAAGC

NEB

Strains

Plasmids

Primers
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Table 4-2: Composition of delac before and after removing precipitates

a

Constituenta

Precipitates Removedb

Homogenizedc

Al

1.11

1.62

As

0.05

0.05

B

2.88

4.14

Ba

0.02

0.02

Ca

2146.23

2668.62

Cr

0.15

0.14

Cu

0.32

0.55

Fe

4.03

5.44

K

39718.60

44081.63

Li

0.21

0.29

Mg

1621.76

1827.71

Mn

0.022

0.04

Mo

0.34

0.36

Na

22285.33

24554.37

Ni

0.07

0.08

P

7958.15

9013.05

Se

0.13

0.13

Si

64.51

65.32

Sr

0.29

0.4

V

0.04

0.04

Zn

0.28

0.28

Total Carbohydrate

226.20 g L-1

362.30 g L-1

Concentration of respective constituent given in mg L-1 unless stated otherwise stated
Delac sample after centrifugation and filtration processing
c
Delac sample after homogenization and without processing
Constituents highlighted in red indicate significant contributions to the composition
b
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Table 4-3. Optical density and biomass yields of K. lactis grown on delac supplemented
with varying concentrations of urea.
Urea (g L-1)
1
5
10

ODa
50.4
47.1
44.2

Biomass Yield (g L-1)
19.2
21.2
18.2

25

17.1

7.7

a

Optical Density reading at a wavelength of 600nm

suspected to be growth inhibitors. The high concentration of milk minerals (sodium,
phosphorous, potassium, calcium, and magnesium) likely result in the need to dilute the
delac in water prior to growth since attempts for growth on pure delac have been
unsuccessful (17). Prelimary growth data demonstrating that K. lactis can successfully
grow on diluted delac is shown in Table 4-3. Since initial growths on pure delac were
unsuccessful due to the high concentrations of salts, an excess of precipitates in delac,
and an insufficient amount of available nitrogen, it was necessary to dilute the delac (1:4)
and add an exogenous nitrogen source (urea). Growths on various concentrations of urea
were conducted and the cellular dry weights were determined. Varying the urea
concentration and dilution of delac used as a growth medium has been performed to
optimize single-cell protein production (Table 4-3). Likewise, various batches of delac
have been used and shown to all facilitate growth of K. lactis at levels equal or superior
to standard growth medium (unpublished work by the Seefeldt lab).
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Figure 4-1: Integration of expression cassette containing rblf. Homologous
flanking regions of the lac4 promoter ensure genomic insertion via homologous
recombination (5’ Plac4 and 3’ Plac4). Integration of the admS allows for acetamide
selection.

Recombinant Expression and Protein Secretion with K. lactis.
Expression of recombinant genes and secretion of protein has been established in
K. lactis. After insertion of rblf into the pKLAC2 vector, it is digeted with SacII to
generate a linearized expression cassette for insertion into the K. lactis genome. The
gene is inserted into the genome via homologous recombination within the promoter
region of the lac4 gene encoding for ß-galactosidase (Figure 4-1). The rblf gene is
inserted in frame with the -mating factor that commits the subsequent protein to the
yeast secretory pathway. The resulting polypetide is cleaved via a Kex protease cleavage
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Figure 4-2: PCR of genomic DNA derived from the wildtype K. lactis GG799
strain and transformant colonies containing the integrated pKLAC2 cassette.
Lanes 1 and 2-8 show PCR products using genomic DNA isolated from
transformants which contain the pKLAC2 vector inserted into the genome as
demonstrated by the ~2600 bp fragment. Lane 2 is the wildtype K. lactis GG799
strain as a control. The sizes of the DNA marker (Lane M) are given in basepairs
(bp).

site downstream of the -mating factor sequence in order to generate the native LF
protein which is exported out the cell following vesicle encapsulation (13). This strategy
ensures efficient secretion of the desired native protein from the cell and eliminating the
need for cell lysis and extensive purification.
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Figure 4-3: SDS-PAGE of secreted protein from rblf transformants compared
to K. lactis strain GG799. Concentrated growth supernatant of untransformed K.
lactis GG799 (lane 1). Concentrated growth supernatant of cells harboring rblf
(lanes 2-4). Potential lactoferrin degradation products are indicated with arrows.

K. lactis was successfully transformed and the expression cassette containing rblf
was inserted into the genome as confirmed by PCR and sequencing (Figure 4-2).
However, there was no obvious expression as the LF was not detected in the medium or
cell lysates. It is likely that the hindered expression was caused by codon bias as the
cDNA from bovine has several codons within the sequence that were shown to have low
usuage in K. lactis. In order to get better expression, a synthetic gene codon-optimized
for expression in K. lactis was generated and was successfully inserted into the pKLAC2
transformation vector. Transformation was also successful as several colonies grew up
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within 3 days. SDS-PAGE of the growth medium shows potential peptide fragments not
present in the untransformed sample at approximately 30 kDa and 48kDa (Figure 4-3).
These two fragments are consistent with full length LF (~80kDa). The corresponding
fragments could have arisen from degradation or proteolysis of LF due to its potential
toxicity as it has been determined to be an antimicrobial agent.

CONCLUSIONS
Integration of rblf into the genome of K. lactis was successful and secretion of
lactoferrin degradation products were observed. Since lactoferrin is an antimicrobial
agent, generation of LF may induce down-regulation of expression and/or proteolysis of
the protein. However, it has been demonstrated previously that small peptides of
lactoferrin, or lactoferricin, can likewise demonstrate lactoferrin characteristics (11).
Further investigation of the identity of the protein fragments as well as the evaluation of
their iron-binding capacity and antimicrobial properties will be necessary. In order to
generate commercially viable levels of lactoferrin or lactoferrin fragments, various
methods could be employed to increase expression levels. Overall, this study
demonstrates the potential to upgrade cheese waste effluent, delac, into value-added
products such as lactoferrin which can add value to the dairy chain.
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CHAPTER 5
SUMMARY AND FUTURE DIRECTIONS
The days of fossil fuel as major energy sources are limited due to remaining
resources and the severe effects on the climate and ecological systems. Continual
generation of carbon emissions and destruction of land resources will only escalate
environmental effects already being observed globally. It is likely that slow adoption of
a renewable energy infrastructure facilitated by governmental mandates and incentives
will occur, however, renewable energy methodologies are already in place to suffice
energy needs with current infrastructure. Waiting for this new infrastructure instead of
immediate incorporation of such methodologies into our way of life will undoubtedly
come with consequences that will cause serious impacts on the future economy along
with irreversible damage to the environment.
Much of the energy required for residential, commercial, industrial, and
transportation sectors can be met with utilizing energy stored in biomass. Currently, only
a mere 1.5% of the US electricity consumption is met by utilizing biomass for the energy.
Similarly, in the transportation sector, biofuels from biomass accounts for only about 2%
of total energy used. The energy obtained from biomass for electricity production is
derived mostly from underutilized biomass from agriculture whereas biofuels are mostly
derived from corn (ethanol) or oilseeds (biodiesel) (1). It is clear that one major obstacle
of utilizing biomass for energy production is that it is derived from the same sources that
are used for food and feed. Such competition ultimately limits continual growth of
biofuels as a replacement for petroleum-derived fuels as outlined by the EIA and can
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cause indirect land use change that may lead to higher carbon emissions overall (1–3).
Therefore, new feedstocks should be introduced which are not limited by such obstacles
that allow significant contribution to energy production.
Microbial feedstocks have the most potential for biomass production. Microbes
have the advantage of high growth productivities, the ability to grow on waste material,
and the ability to generate energy sources compatible with current infrastructure. Also,
microorganisms lack the aforementioned disadvantages associated with food-derived
biomass. Before large-scale adoption, there are several issues with utilizing microbes as
biomass or biofuels for energy production. The most significant challenge is the cost
associated with production of microbial biomass as well as its processing to biofuel (4).
Previous chapters delved into addressing these issues by discovering bottle-necks in lipid
biochemistry (Chapter 2), processing of the microbial biomass to biofuels (Chapter 3),
and simultaneous production of value-added products to offset the costs of production
(Chapter 4). This summary will overview the current state-of-the-art as described in this
dissertation and will discuss future work required to make microbial biofuel the next
generation renewable liquid fuel.
Single-cell Protein and Heterologous Protein Production in Yeast
Other than microalgae, there are also heterotrophic microbes such as yeast that
have great potential for microbial biofuel production. However, the fact that they are
heterotrophs indicates the need for a suitable reduced carbon source for their growth.
Currently, there is a great deal of carbon that can be derived from underutilized waste
feedstocks obtained from food processing, cheese production, or lignocellulosic materials

101

(5–7). Liberation of simple sugars from lignocellulosic biomass is still an ongoing
research goal and its large-scale adoption may be delayed by several years (8). From
current industry production technologies, sugars still present is waste effluents that
cannot be economically isolated could be used for microbial fermentation. Such waste
streams have demonstrated to be excellent growth media for cultivation of heterotrophic
microbes (9).
Today, there is a tremendous push for higher intake of proteinaceous foods. This
desire for more protein is the result of both market demand in first world countries as
well as protein-deficient individuals in developing counties. Wheat, rice, and corn make
up the large majority of protein intake in the world. However, soybeans can be deemed
to be a superior protein source due to its high protein content as well as amino acid
distribution (10). Soybeans also produce triglyceride oils, however, it should be noted
that soybeans are grown for their protein, not for biodiesel or vegetable oil production
(11). The oils are thereby a by-product and can be used to add value to soybeans.
Microbes could be cultivated in much the same way. Microorgansisms could be used as
a platform to upgrade low-value effluent to produce single-cell or recombinant protein.
After extracting the valuable components, the residual biomass could then be used to
generate petrochemical replacement such as biodiesel or other oleochemicals used widely
in industry.
Current efforts are underway by Seefeldt et al. to upgrade delac produced from
cheese production into single-cell protein using Kluyveromyces lactis. Growth
parameters have been optimized in order to maximize protein production. The cells can
be lysed and the resulting soluble protein could be concentrated to the equivalent of whey
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or soy protein isolate. This could be achieved by either membrane or ultra-filtration
techniques to isolate the protein as used in whey protein isolate production or the protein
could be precipitated by decreasing the pH of the lysate followed by drying as used in soy
protein isolate production (12). The comparable amino acid composition of the yeast
protein compared to whey and soy protein contributes to yeast protein’s potential as a
valuable protein source in the future (unpublished work by the Seefeldt lab).
K. lactis also has great potential as a platform for heterologous protein production.
K. lactis has already demonstrated success as a genetic platform for production of
chymosin at scale for use in cheese production as well as production of β-galactosidase
(13). Production of lactoferrin as described in Chapter 4 also has high potential but
requires further optimization. As described in Chapter 4, the expression of lactoferrin is
quite low even after codon-optimization for expression in K. lactis. Use of an episomal
plasmid (extra-chromosomal) instead of an integrative vector that integrates into the
genome would allow more copies of the gene to be present to allow higher expression.
However, for industrial use this is problematic due to plasmid loss especially with growth
media that do not strictly imbue means of selection (13).
One strategy which can increase protein expression is to screen many colonies for
integrating multiple copies of the desired gene. To evaluate the number of copies,
restriction analysis of the genomic DNA with restriction sites adjacent to the integrated
gene followed by southern blot analysis with a probe specific for the desired sequence
can be employed (14). Also, rblf could be put under control of a stronger inducible
promoter. In a mutant strain of K. lactis unable to produce ethanol, the alcohol
dehydrogenase promoter has been shown to be strongly induced when exogenous ethanol
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is added (15). Other indirect methods could also be employed such as random or directed
mutagenesis to disrupt genes which encode for proteins that hamper protein expression or
protein secretion (16, 17). Finally, once an optimized strain has been developed,
lactoferrin yield could be further increased by fermentation optimization utilizing delac
as the medium.
ATP Citrate Lyase
Several pieces of information point to ACL being the bottle-neck associated with
carbon flux going into lipid biosynthesis in Yarrowia lipolytica. First, Y. lipolytica
accumulates intracellular citrate and excretes a significant portion of the generated citric
acid. Second, other oleaginous yeasts (C. curvatus and R. toruloides) do not accumulate
citrate and instead direct the carbon towards lipid accumulation. Third, under citrateaccumulating conditions facilitated by nitrogen limitation, the activity of ACL is
increased in R. toruloides and not in Y. lipolytica. The growing hypothesis of increased
activity is attributed to post-translational modification of ACL at specific residues under
such conditions in higher lipid accumulating yeasts that Y. lipolytica lacks. Mass
spectrometrey analysis of Y. lipolytica in such conditions demonstrates that very little of
the protein is modified by phosphorylation. In order to provide further evidence that
ACL is predominantly responsible for high lipid accumulation and that lower lipid yields
in Y. lipolytica are a result of reduced ACL activity, planned activities will be discussed
below.
Purification of native ACL from Y. lipolytica and other oleaginous yeasts has
been demonstrated to be highly problematic due to the extreme lability of the enzyme. In
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order to facilitate full purification of ACL while avoiding severe degradation,
heterologous expression of ACL homologs from both Y. lipolytica and R. toruloides in E.
coli is a suitable alternative. An ACL homolog from Chlorobium tepidum has been
successfully expressed and purified from E. coli in this manner before (18). Also, the
lack of post-translational modifications would allow obtaining a non-modified version of
the enzyme to compare kinetically to an in vitro phosphorylated form like that previously
performed by Potapova et al. on hACL (19). Steady-state kinetics evaluating ACL
activity of Y. lipolytica and R. toruloides in their phosphorylated and non-phosphorylated
forms could be evaluated utilizing the aforementioned coupled malate dehydrogenase
spectrophotometric assay (20). These assays could be carried out holding the
concentration of two substrates constant while varying the concentration of the other
substrate to determine apparent Vmax and Km values for each substrate. From this, the kcat
and catalytic efficiency (kcat/km) of each yeast homolog and their respective modified
form will be calculated and compared in order to evaluate the hypothesis regarding citrate
cleavage activity and the effect of phosphorylation. Ultimately, some inherent
differences in activity could be used to expand on the hypothesis that ACL activity
between the different yeasts determines total lipid content of the cells.
In order to confirm similar reaction kinetics in yeast ACLs to those found in rat
and humans, order of addition studies could be performed. These assays would produce
double reciprocal plots of either parallel or diverging lines giving information on the
reaction mechanism and the order of binding of the substrates. Assays could be
performed similarly to Houston et al. in order to evaluate the sequence of binding of
MgATP, CoA, and citrate (21). In the first experiment, MgATP and citrate
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concentrations would be varied while keeping CoA concentrations constant. Also,
MgATP and CoA concentrations would be varied keeping citrate concentration constant.
In a second set of assays, the concentration of MgATP would be held constant where
citrate and CoA will be varied. If similar kinetics between yeast and rat or human ACL is
observed then a family of parallel lines should result from the double reciprocal plots of
the first experiment indicating a similar ping-pong mechanism. Also, the double
reciprocal plots of the second set of assays should reveal diverging lines indicating the
binding of CoA or citrate must be random after MgATP binding during catalysis.
In order to more fully probe the observed differences in catalytic efficiencies
between different yeast ACL homologs, the commitment factor for each could be
evaluated experimentally. The commitment factor is the fraction of the enzyme substrate
complex which processes forward during catalysis to form product compared to the
amount of substrate which becomes dissociated from the enzyme (22, 23). This isotope
trapping experiment would be carried out according to the pulse-chase method described
by Rose (24). First, the pulse consisting of a stoichiometrtic quantity of [γ-32P]-ATP
would be incubated with ACL for an allotted amount of time allowing for full conversion
of ACL to the E-32Pi•ADP complex by the ATPase reaction. Next, the chase solution
containing an excess of unlabelled MgATP along with varying quantities of citrate or
CoA would be added to the E-32Pi•ADP complex for an allotted amount of time to give
approximately 20 turnovers based upon the calculated kcat followed by quenching with
ethylenediaminetetraacetic acid (EDTA). The E-32Pi•ADP intermediate may then
commit to the forward direction by catalyzing cleavage of citrate and facilitate release of
32

Pi or it may reform [γ-32P]-ATP and be released from the enzyme. A similar control
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experiment would also be carried out to correct for the fraction of MgATP reacted upon
addition of the chase solution. This control would consist of having [γ-32P]-ATP in the
chase solution in lieu of unlabelled MgATP. This amount of 32Pi formed in the control
experiment would then be subtracted from the amount formed from the experiment. This
experiment would be carried out for various concentrations of citrate or CoA to generate
a double reciprocal plot of 1/substrate vs. 1/product formed. The y-intercept identified
here would be the inverse of the amount of product formed at saturating concentrations of
substrate. The proportion of 32Pi released compared to the [γ-32P]-ATP can then be
measured by separating the adenine nucleotides by thin-layer chromatography and
evaluating the radioactive counts for each by scintillation counting. The proportion of
32

Pi to [γ-32P]-ATP can then be used to calculate the commitment factor. This method

would be useful in explaining inherent differences in catalytic efficiency between
evaluated yeast ACL homologs revealing their inherent ability to overcome the high
activation barrier associated with the rate-limiting step of MgADP release and subsequent
commitment to catalysis.
In addition to kinetic assays from heterologous forms of the enzyme, further
evidence of phosphorylation in the native enzyme under nitrogen limited and nitrogen
deplete conditions would be performed. Partial purification strategies of ACL followed
by mass spectrometrey of ACL2 would identify modification sites on ACL during the
different conditions. The obtained evidence could then further reaffirm, along with
kinetic assays, that nitrogen limitation brings about phosphorylation of ACL which in
turn increases activity thereby facilitating cleavage of citrate and accumulation of lipid.
More direct analyses of the discrepancies between different forms of ACL could be
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evaluated by determining the kinetic parameters that change upon modification such as
dissociation constants (Kd) for citrate that could be determined by isothermal calorimetry
(ITC).
Wax Ester and Triacylglyceride Accumulation in Bacteria
Some actinomycetes and gammaproteobacteria are able to accumulate large
quantities of lipid in response to nitrogen stress, the majority of which are often WE or
TAG. There is much interest in displacing petrochemical use with oleochemicals, which
may supplant for the bulk of what petrochemicals are used for today. Oleochemicals may
be derived from either direct biological production in vivo or indirectly by imposing
biological precursors to specific catalytic cracking techniques or chemical
transformations to produce particular products (25, 26).
WEs and TAGs are derived from two different pathways as shown in Figure 6-1A
and B, respectively. In WE production, a fatty alcohol may be produced from a fatty
acyl-CoA in a two-step reduction process via a type I acyl-coA reductase and an aldehyde
reductase (27). However, type II acyl-CoA reductases, which perform both reductions in
a single step, have been discovered in Arabidopsis thaliana and most recently in the
bacterium, Marinobacter aqualeoli (28–30). The produced fatty alcohol may then be
esterified by a fatty acyl-coA by WS/DGAT via fatty alcohol acyltransferase activity to
produce a WE. In higher plants, WEs constitute the cuticular wax on leaves in higher
plants to facilitate proper gas diffusion and prevent desiccation, however in bacteria they
are presumed to serve merely for energy storage (29, 30).
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Figure 5-1: Pathways for wax ester and triacylglyceride synthesis. The
bifunctional WS/DGAT enzyme catalyzes the esterification of either a fatty alcohol or
diacylglycerol with a fatty acyl-CoA to generate a WE or TAG, respectively. A. In the
production of WEs, either a type I acyl-CoA reductase and a fatty aldehyde reductase
together or a type II acyl-CoA reductase alone allows for production of fatty alcohols.
B. In TAG production, a series of acylation reactions are carried out to generate a
diacylglycerol in a process called the Kennedy pathway.
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In the Kennedy pathway, TAGs are produced from glycerol-3-phosphate in a
series of acylation reactions ultimately producing diacylglycerol (DAG) as a substrate for
WS/DGAT to be esterified via diacylglycerol acyltransferase activity to form TAG.
Phosphatidic acid and DAG act as branchpoints in the pathway for phospholipid
production. Phospholipase C similarly acts to generate DAGs from phospholipids to
maintain the balance necessary for membrane phospholipids. The WS/DGAT
homologous enzymes in the various aforementioned bacteria have been identified to
recognize and catalyze the esterification of both fatty alcohols and DAGs without
partiality for substrate (31–33). This fact emphasizes the need for structural and
mechanistic details for engineering mutant forms to facilitate direct biofuel and
oleochemical production.
WS/DGAT is a bifunctional enzyme that generates WEs and TAGs in bacteria.
This enzyme catalyzes the acyl CoA-dependent esterification of fatty alcohols and DAGs
to produce WEs and TAGs, respectively. The genes encoding WS/DGATs have been
identified in various bacteria, mostly belonging to actinomycetes genera including:
Mycobacterium, Streptomyces, and Rhodococcus as well as some gammaproteobacteria
including: Acinetobacter, Marinobacter, and Alcanivorax (31). Other long chain
acyltransfersases and DGAT enzymes have been reported in plants, animals, and yeast,
but do not share any sequence similarity to the WS/DGATs found in prokaryotes.
WS/DGAT has been found to be associated with the cytosolic portion of the plasma
membrane as visualized by electron microscopy and postembedding
immunocytochemistry in Acinetobacter baylyi ADP1 (32, 34). The accumulated
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products, TAGs and WEs, are located in lipid bodies concomitant with WS/DGAT and
serve as energy storage molecules.
TAGs and WEs have several biotechnological implications as desirable
oleochemicals. The TAGs may serve as feedstocks for biofuel production as previously
noted, as well as a source of oils for food or other uses. Similarly, WEs can serve as a
renewable source to supplant petrochemicals used in cosmetics, industrial lubricants, and
pharmaceuticals (25). In addition to having dual functionality, the enzyme accepts a
large range of substrates. The promiscuity of the enzyme allows the esterification of
short chain alcohols such as ethanol with fatty acyl-CoAs to produce fatty acid ethyl
esters, the molecules which constitute biodiesel. Studies of genetically engineered E. coli
and Saccharomyces cerevisiae have demonstrated that the expression of this enzyme
permits the production of fatty acid ethyl esters in vivo (31). In native prokaryotes, there
is a distinction in whether WSs or TAGs are accumulated as the main energy source and
its correlation with WS/DGAT substrate preference remains elusive.
The various WS/DGAT homologs share little sequence similarity, which may
explain their impartiality for substrate binding. However, nearly all WS/DGAT proteins
contain a novel wax ester synthase-like acyl-CoA acyltransferase domain, which has
sequence elements similar to probable metal-binding sites in metalloproteases (33).
Similarly, a putative HHXXXDG motif is highly conserved in the WS/DGAT homologs
which may be implicated in fatty acyl-CoA binding or participate in the acyltransferase
reaction as shown in figure 6-2 (31). The HHXXXDG motif is similar to the condensing
domain found in proteins implicated in peptide antibiotic biosynthesis (33). It has been
proposed that one of the histidine residues in the putative motif may act as a general base
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to abstract a proton from the hydroxyl group on either the fatty alcohol or DAG in order
to facilitate nucleophilic attack on the carbonyl carbon of the fatty acyl-CoA to produce a
WE or TAG, respectively (31).
The WS/DGAT AtfA from Acinetobacter sp. ADP1 shows analogous motif
sequences which have been demonstrated to be necessary for glycerol-3-phosphate
binding and catalysis in glycerol-3-phosphate acyltransferase, indicating possible
similarities in the acyltransferase mechanism (33, 35). However, there are no contiguous
regions implicating preference of fatty alcohol or DAG binding between the various
homologs. Likewise, there is no clear correlation between WS or DGAT activity and WS
or TAG accumulation in the various species (31–33).
Marinobacter aq.
Alcanivorax bo.
Acinetobacter sp.
Mycobacterium tu.
Rhodococcus op.
Streptomyces ca.

124-IEGLENNRFALYTKMHHSMIDGISGVRLMQRVLTTDP-161
123-IEGLEGNRFALYTKMHHSMVDGVAGMHLMQSRLATCA-160
116-IEGIEGNRFAMYFKIHHAMVDGVAGMRLIEKSLSHDV-153
120-IEGLADSKWAILTKLHHCMADGIAATHLLAG-LSDES-157
127-LDGLHDGRSALVMKVHHSLTDGVSGMQIAREIVDFTR-164
115-VDGVEGGRTGYVLKISHTIADGLRLRELFLHQSAQAR-152

Figure 5-2: Alignment of bacterial WS/DGAT homologs. The alignment shows
the highly conserved HHXXXDG motif in WS/DGAT homologs. Alignment was
generated using the ClustalW2 program at EMBL-EBI.

The homologs from various bacteria including, Marinobacter aquaeolei VT8,
Acinetobacter baylyi, Rhodococcus jostii, and Psychrobacter cryohalolentis, have
recently been characterized against various chain length alcohols and acyl-CoAs (36).
Similarly, some work has been performed on differentiating fatty alcohol acyltransferase
activity and DAG acyltransferase activity between various WS/DGAT enzymes. Some
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of these reports claim correlation between enzyme preference and either wax esters or
TAG accumulation in particular species (31–33). However, many of the assays were
done in cell extracts or with partially purified enzyme which may bias activity depending
on possible effectors present in the extracts or the presence of contaminating proteins (31,
32, 35). Additionally, the enzyme and substrates are plagued by limited solubility that
negates drawing such conclusive inferences about substrate specificity. Some groups
have demonstrated improved enzyme solubility and purification by producing constructs
that generate a WS/DGAT maltose-binding protein (MBP) fusion protein. This approach
dramatically improves solubility of the lipophilic enzyme, however, it has been shown
that some fusions are prone to degradation or incomplete translation (37). For these
reasons it is likely that the inference that WS/DGAT activity determines whether bacteria
accumulate WEs or TAGs is erroneous. Therefore, it is essential to evaluate the substrate
specificity based functionality with structure determination as well as to establish roles of
regulation or metabolism of upstream metabolites in the generation of WEs and TAGs.
In order to evaluate the distinction in TAG and WE accumulation in different
prokaryotic species, a comparative genomic analysis approach was employed to identify
genes that encode proteins with unidentified function or roles in regulation for TAG
production. Some groups have claimed that the distinction in TAG and WE
accumulation is based predominantly on the substrate specificity of the WS/DGAT in
various species. However, WS/DGAT isoforms have not shown sufficient specificities
towards one substrate or the other (fatty alcohols or DAGs) to conclude that this is the
major factor in determining why a particular species accumulates TAG or WE. In spite
of this, a genomic comparison of bacteria that predominantly make TAG or WE has been
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Table 5-1: Comparison of TAG and WE production in various bacteria.
Organism

TAG

WE

Rhodococcus opacus

+

-

Kurosawa et al.

Rhodococcus jostii

+

-

Hernandez et al.

Streptomyces coelicolor

+

n.r.

Arabolaza et al.

Alcanvorax borkumensis

+

M

Kalscheuer et al.

Mycobacterium smegmatis

+

-

Nakagawa et al.

Acinetobacter baylyi ADP

M

+

Santala et al.

Acinetobacter calcoaceticus

M

+

Kalscheuer et al.

Marinobacter aqueloli VT8

-

+

Barney et al.

n.r.

+

Bryn et al.

Moraxella catarrhalis

Reference

The amount of TAG or WE production was pulled from various sources of growths
of these bacteria on similar carbon sources under nitrogen limitation and are
expressed as: (+), Substantial; (M), Minor; (-), None; (n.r.), not reported

utilized to identify genes that are present in TAG-accumulating bacteria and are absent in
WE-accumulating bacteria. This subtractive genomic analysis approach has been utilized
by other groups to identify transcriptional networks as well as genes that were previously
unidentified (38, 39). In-depth search through literature has identified bacterial species
that predominantly produce either TAGs or WEs as shown in table 6-1.
The data on WE and TAG-accumulating bacteria then facilitated genomic
comparison to identify genes which may be implicated in affecting TAG biogenesis
either directly or indirectly using the Integrated Microbial Genomes software through the
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DOE Genome Institute. The genes possibly implicated in TAG production are shown in
table 6-2. Table 6-2 shows the Clusters of Orthologous Groups (COGs) specific to TAGproducing bacteria that are absent in wax ester-producing bacteria. Most commonly,
unidentified genes that are important for a particular phenotype are discovered by
screening thousands of random mutants generated by a process called transposon-induced
mutagenesis. This process was utilized by Manilla-Pérez et. al to identify a gene which
when disrupted caused a TAG-deficient mutant strain of Alcanivorax borkumensis (40).
This gene was predicted to encode a putative cytochrome c family protein which belongs
to the High-affinity Fe2+/Pb2+ permease COG from Alcanivorax borkumensis as identified
by the aforementioned subtractive comparative genomic analysis as shown in table 6-2.

Table 5-2: Genes possibly implicated in TAG production in bacteria.
WE Producers

TAG Producers

A.
bay

A.
cal

M.
cat

M.
aqu

A.
bork

M.
smeg

R.
jost

R.
opac

S.
coel

Function ID

Predicted Function Name

COG0003

Oxyanion-translocating ATPase

0

0

0

0

1

3

3

4

3

COG0122

3-methyladenine DNA glycosylase

0

0

0

0

1

2

2

2

3

COG0464

ATPases of the AAA+ class

0

0

0

0

1

5

4

3

4

COG0588

Phosphoglycerate mutase 1

0

0

0

0

1

1

1

1

1

COG0672

High-affinity Fe2+/Pb2+ permease

0

0

0

0

1

1

1

1

1

COG1403

Restriction endonuclease

0

0

0

0

1

2

2

2

2

COG1420

Transcriptional regulator of heat shock

0

0

0

0

1

1

1

1

1

COG1533

DNA repair photolyase

0

0

0

0

1

1

1

1

2

COG2346

Truncated hemoglobins

0

0

0

0

1

2

4

2

1

COG4962

Flp pilus assembly protein, ATPase CpaF

0

0

0

0

1

1

2

2

4

COG4965

Flp pilus assembly protein TadB

0

0

0

0

1

1

1

1

5

COGs were recognized by the Integrated Microbial Genomes software through the DOE Genome Institute to
identify genes present in TAG-accumulating bacteria and absent in WE-accumulating bacteria.

115

This reaffirms the potential of this bioinformatic process in identifying genes which may
be implicated in TAG production. A suicide vector could constructed to knockout some
of the implicated genes from Mycobacterium smegmatis by homologous recombination.
This bacterium is a good candidate for study due to its high TAG content (30% CDW) as
well as the availability of literature on genetics in Mycobacteria (41, 42).
To show the significance of the implicated genes for TAG production, gene
knockouts of some of the identified genes could be generated in addition to measuring the
corresponding effect on TAG accumulation in these mutants based upon identified by
genomic analysis. The mutant TAG content could be evaluated in comparison to wildtype
Mycobacterium smegmatis by Bligh-Dyer lipid extraction and GC-FID quantitation (43).
CONCLUSION
The research sought to understand the biochemistry of microbial lipid
accumulation and the potential of utilizing these microorganisms for biofuel production.
The sources of petroleum are declining and their use has caused irreversible
consequences on the environment, both reasons which will eventually require the
elimination of their use. Therefore, it is imperative to establish renewable and carbon
neutral means of producing chemically equivalent molecules to supplant petrochemicals.
This work focused on determining the distinction in lipid accumulation in different
species of yeast, the suitability of diesel fuel as an extractant of biodiesel produced from
microbes, generation of value-added products such as lactoferrin, and real evaluation of
these fuels in diesel engines. Overall, these insights described here will facilitate the
viability of producing renewable carbon-neutral replacements of petroleum-derived fuels.
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Life Cycle Assessment
An evaluation of the life cycle energetics of the studied recovery system compared
to a traditional solvent recovery system was evaluated. The following section details the
system boundary for the analysis, net energy ratio (NER) definition, primary assumptions,
and results.
System Boundary
The system boundary of the analysis focused on the conversion and biofuel
recovery in the biomass to biofuel process such that the studied process could be directly
compared to a traditional solvent recovery system, Figure B-S1.

Figure B-S1: System boundary of the analysis includes the conversion and recovery of biodiesel

Sub-process models of two pathways, 1) diesel recovery and 2) solvent recovery, were
developed and focused on accurately capturing energy and mass flows for the recovery and
conversion of lipids from yeast to biofuel. The system boundary for the study includes the
conversion and recovery of biofuel and is similar between the two pathways for
comparative purposes. The diesel extraction pathway, representative of the experimental
methods of this study, includes two foundational process steps, an in situ acid catalyzed
transesterification followed by the recovery of the biofuel using diesel fuel as the solvent,
Figure B-S2.
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Figure B-S2: Process flow and system boundary of the diesel recovery pathway including basic inputs
and products.

A similar system boundary was used for a traditional solvent recovery pathway
such that the two processes could be directly compared. The solvent extraction pathway
includes three foundational process steps, solvent lipid recovery, base catalyzed
transesterification, and a solvent biofuel recovery, Figure B-S3.

Figure B-S3: Process flow and system boundary of the solvent recovery pathway including basic inputs
and products.
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Net Energy Ratio Definition
The mass and energy models serve as the backbone for the life cycle assessment
(LCA). The pathways modeled are assessed on the metric of net energy ratio (NER). NER
is leveraged as an indicator of the overall energetic effectiveness of the process and is
defined here as energy in over energy out:

A NER of less than 1 is desirable. The NERs of other fuels with a system boundary that
includes all processing steps for conventional diesel, corn ethanol, and soy based biodiesel
are 0.18, 1.07, and 0.80, respectively [1, 2]. Advancements in downstream sub-processing
steps of the biofuel production pathway in terms of energetics can directly impact the
feasibility of a production pathway by decreasing the overall energetics.
Diesel Extraction Assumptions
A summary of the primary inputs and assumptions for the diesel pathway are
presented in Table B-S1. Detailed justification for the assumptions for the various
processing stages is presented in the following sections. The starting biomass is assumed
to be oleaginous yeast with starting lipid content of 70% and dried to 2% moisture. A
centrifuge is required for the separation of biomass from the diesel and biodiesel product.
The modeling work uses a Evos continuous clarifier that requires 0.85 kWhr to process 1
m3 [3].

137

in situ transesterification
The in situ transesterification process directly converts the available lipids in the
biomass to fatty acid methyl esters (FAME) or biodiesel. The conversion method used in
this study was based on an acid catalyzed technique. The optimized methanol volume was
10 L per kg of biomass as presented in the experimental results of the manuscript. The
heating energy and electrical requirements for the conversion process are 5.27 MJ kg-oil-1
and 0.09 kWhr kg-oil-1, respectively [4-7]. The energy and electrical requirements for the
acid catalyzed process are assumed to be 2 times that of a base catalyzed conversion based
on a longer reaction time and a higher reaction temperature. Morais et al. [7] report a
heating requirement that is 2x higher than the assumed value here and is attributed to a
long reaction time to achieve high conversion efficiency.

The methanol and acid

consumption are based on what is required for the conversion of lipids to FAME [4, 8].
Diesel extraction
The produced FAME from the in situ transesterification is recovered through the
use of diesel fuel as a solvent as presented in the manuscript. Based on the optimization
of the addition of diesel fuel a volume to volume ratio of 1.5:1 is assumed. The resulting
recovered product is a diesel biodiesel blend. A FAMEextraction efficiency of 98% is
assumed based on the experimental results of the work presented in the manuscript. An
efficiency of 98% for the recovery of the diesel and biodiesel mixture is assumed.
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Table B-S1: Primary assumptions for the modeling of the diesel extraction pathway

in situ Transesterification.
Starting temperature

23

C

Methanol added

10

L/kg-biomass

Sulfuric acid

2

% by volume

Methanol consumed

0.104

kg/kg-oil

Sulfuric acid consumed

0.005

kg/kg-oil

Reaction Temperature

80

C

Conversion efficiency

98

%

Heating energy

5.27

MJ/kg-oil

Electrical

0.09

kWhr/kg-oil

Diesel Extraction
Diesel volume addition

1.5:1

volume ratio

Extraction efficiency

98

%

Fuel recovery

98

%

Solvent recovery
A summary of the primary inputs and assumptions for the diesel pathway are
presented in Table S2. Detailed justification for the assumptions for the various processing
stages is presented in the following sections. The starting biomass is assumed to be
oleaginous yeast with starting lipid content of 70% and dried to 2% moisture. A centrifuge
is required for the separation of biomass from solvents. The modeling work uses a Evos
continuous clarifier that requires 0.85 kWhr to process 1 m3 [3].
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Solvent extraction
The solvent extraction process is modeled based on a survey of the LCA literature
for the extraction and conversion of lipids from microalgae [4-6, 9, 10]. Microalgae
work was leveraged as there is a developed LCA literature. The majority of the studies
referenced base assumptions on an established soybean based conversion processes. The
first step in the process is the solvent extraction of lipids produced in the biomass. A
variety of solvent to biomass ratios are presented in the literature. A solvent to biomass
volume ratio of 2:1 and a 95% extraction efficiency is assumed which represents a
median value of the surveyed literature [5, 6, 9, 10]. The heating and electrical energy
requirements for the extraction and solvent recovery are assumed to be 2.64 MJ kg-oil-1
and 0.044 kWhr kg-oil-1, respectively [5, 6, 9]. A solvent loss of 5.2 g kg-oil-1 is assumed
[5, 6]. The extracted lipids are then processed in an adjacent transesterification system.
The energy requirements for the transport of the lipids is assumed to be negligent.
Transesterification
The transesterification processes is performed through a base catalyzed process.
The material and energy consumption is based on Wang [8]. The process requires process
heat (3.75 MJ kg-oil-1) and electrical energy (0.1 kWhr kg-oil-1) and consumes methanol,
sodium hydroxide, sodium methoxide, and hydrochloric acid as presented in Table S2. The
biodiesel yield of the system is 1 kg per 1.04 kg of incoming lipid. Glycerine is produced
as a co-product, 0.213 kg kg-FAME-1. The conversion efficiency is assumed to be 98%.
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Table B-S2: Primary assumptions for the modeling of the solvent extraction pathway

Solvent Extraction
Solvent to biomass

2:1

vol:vol

Extraction efficiency

95

%

Electrical energy

0.044

kWh/kg-oil

Heating energy

2.64

MJ/kg-oil

Hexane loss

5.2

g/kg-oil

Transesterification
Heating energy

3.75

MJ/kg-oil

Electrical energy

0.1

kWhr/kg-oil

Methanol

0.104

kg/kg-oil

Sodium hydroxide

0.0052

kg/kg-oil

Sodium methoxide

0.013

kg/kg-oil

Hydrochloric acid

0.0074

kg/kg-oil

Conversion efficiency

98

%

FAME recovery
Hexane

1:1

vol:vol

Heating energy

2.3

MJ/kg-FAME

Electrical energy

0.02

kWhr/kg-FAME

Extraction eff.

99

%

FAME recovery
The biodiesel is recovered from the transesterification process through a solvent
extraction method. The solvent ratio is assumed to be half of what is required for the lipid
recovery. The heating and electrical requirements are assumed to be 2.3 MJ kg-oil-1 and
0.02 kWhr kg-oil-1, respectively. The extraction efficiency is assumed to be 99%.
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Product comparison
The two pathways compared produced two slightly different products. The solvent
extraction process produces a B100 biodiesel. The diesel extraction pathway produces a
biodiesel diesel blend. The blend is dependent on the starting lipid content of the biomass
and the ratio of diesel fuel added to recover the converted FAME. Calculations were
performed assuming no extraction or conversion efficiencies and are based on the addition
of 10 L of methanol in the in situ transesterification step. The algae and yeast are assumed
to have 26% and 67% lipid content as reported in the manuscript. Calculations include the
recovery efficiencies present in Table 1 of the manuscript. A comparison of the produced
biodiesel, diesel blend to the diesel solvent ratio evaluated in the experimental methods of
the study are presented in Figure B-S4. It is expected that the biofuel product produced in
the solvent extraction pathway will be blended. Both products represent drop in fuel
products. The functional units of the NER calculations are based strictly on the recovered
biofuel in both production pathways.
Net Energy Ratio Results
The results for the NER calculations for the two pathways are broken down by type
of energy consumed and process in Figure B-S5. The NER for the diesel extraction and
solvent extraction pathway are 0.17 and 0.23, respectively. The two production pathways
predominantly consume energy in the form of heat. The solvent extraction

142

Prodcut Blend (% biodiesel)

45
40
35
30
25
20

algae

15

yeast

10
5
0
0

1

2
3
Diesel Solvent Ratio (vol:vol)

4

5

Figure B-S4: Comparison of the blend percent in the final product form the diesel extraction pathway as
a function of the diesel solvent ratio.

pathway requires more process heat for the recovery and recycle of solvent in two of the
three steps. The transesterification energy is lower in the solvent recovery process
compared to that of the diesel extraction pathway based on differences in reaction
temperature and time. The energy requirements for the two pathways for each foundational
process is presented in Figure B-S6. The NER savings presented would positively
represents an energetically intensive process and for the overall system to be energetically
favorable savings in the downstream processing alleviate some constraints in other
processing steps of the feedstock to pump system.
The NER savings presented would positively impact the energetics of a production
pathway. Specifically, microorganism production represents an energetically intensive
process and for the overall system to be energetically favorable savings in the
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Figure B-S5. NER broken down based on energy source and foundational process for the two different pathways.

Figure B-S6: Energy consumption requirements for the two pathways broken down based on type and
foundational process.
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downstream processing alleviate some constraints in other processing steps of the
feedstock to pump system.
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APPENDIX C
BIODIESEL FROM MICROALGAE, YEAST, AND BACTERIA: ENGINE
PERFORMANCE AND EXHAUST EMISSIONS 1
3

ABSTRACT
Biodiesel (fatty acid methyl esters) derived from oleaginous microbes
(microalgae, yeast, and bacteria) are being actively pursued as potential renewable
substitutes for petroleum diesel. Here, we report the engine performance characteristics
of biodiesel produced from a microalgae (Chaetoceros gracillis), a yeast (Cryptococcus
curvatus), and a bacteria (Rhodococcus opacus) in a two cylinder diesel engine outfitted
with an eddy current brake dynamometer, comparing the fuel performance to petroleum
diesel (#2) and commercial biodiesel from soybeans. Key physical and chemical
properties, including heating value, viscosity, density, and cetane index, for each of the
microbial-derived biofuels were found to compare favorably to soybean biodiesel.
Likewise, the horsepower, torque, and brake-specific fuel consumption across a range of
engine speeds also compared favorably to values determined for soybean biodiesel.
Analysis of exhaust emissions (hydrocarbon, CO, CO2, O2, and NOx) revealed that all
biofuels produced significantly less CO and hydrocarbon than petroleum diesel.
Surprisingly, microalgae biodiesel was found to have the lowest NOx output, even lower

1
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than petroleum diesel. The results are discussed in the context of the fatty acid
composition of the fuels and the technical viability of microbial biofuels as replacements
for petroleum diesel.
INTRODUCTION
Biodiesel is a renewable liquid transportation fuel that can be used to displace
petroleum-derived diesel fuel without significant modifications to existing engines or fuel
distribution networks. Biodiesel consists of alkyl esters of fatty acids and are typically
produced from triglycerides (e.g., soybean oil) and an alcohol (e.g., methanol) in the
presence of either a base or acid catalyst.1–3 This process, called transesterification,
forms fatty acid methyl esters (FAME) where the properties of the biodiesel are
dependent upon the fatty acid composition of the feedstock oil.4–6 Biodiesel derived from
bio-oils have several properties that make it a good renewable liquid fuel. It is fully
miscible with petroleum diesel and can be blended at any ratio. Biodiesel consistently
shows reduced exhaust emissions compared to petroleum diesel, many studies have
concluded that biodiesel use results in the reduction of unburned hydrocarbon,
particulate, and CO emissions.7 In contrast to these improvements in emissions for
biodiesel, most emissions studies have found that biodiesel produces more NOx emissions
than petroleum diesel.8
The majority of current biodiesel used in the United States (US) is derived
from oilseed crops (e.g., soybeans), thereby competing with food products and requiring
quality farmland. At current production levels, traditional crops (corn or soybean) are
only capable of meeting a small fraction of the US transportation fuel demand.9 This
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highlights the need for alternative feedstocks that could be more productive than
traditional oilseed crops and utilize marginal land unsuitable for cultivation. Oleaginous
microorganisms, such as microalgae, yeast, and bacteria, are being actively investigated
as promising potential feedstocks for biodiesel production.10–12
There is considerable interest in the use of microalgae for biofuel
production.13,14 Some strains of microalgae are capable of accumulating a significant
quantity of triacylglycerol (TAG), amounting to 20 – 50 % of their cellular dry weight
(CDW).13,15–17 Microalgae, like plants, utilize the energy of the sun and carbon from CO2
to grow and make lipids. Although potential productivity estimates for microalgal
biodiesel vary widely, many reports agree that microalgae has the potential to yield more
oil than the most productive oilseed crops.16,18 An important advantage that microalgae
have over plants is their ability to be cultivated on marginal land with water that is
unsuitable for irrigation (e.g. saltwater, saline aquifer, and wastewater).19 This feature
alone could allow for widespread microalgae cultivation that does not compete with
traditional agriculture for limited land and water resources. Although promising, several
technical challenges remain to be resolved before wide-spread use of microalgae derived
fuels can be achieved, including more economical methods for harvesting and
dewatering, and a better understanding of how microalgae fuels will perform in engines.
In addition to microalgae, a few select species of oleaginous yeast and bacteria
are also capable of accumulating oil in very high concentrations, approaching 80%
CDW.12,20,21 Yeast and bacteria require a reduced source of carbon to meet their energy
needs. Many of these strains are capable of metabolizing a diverse range of
carbohydrates, such as residual sugars from food production (e.g. molasses or lactose)22,23
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or biomass hydrosylate.24 The diverse metabolism of oleaginous microbes permits the
production of a significant amount of oil for biofuel use without impacting the food
supply. A substantial amount of low-cost carbon is available to produce biodiesel
through fermentation with oleaginous microorganisms without competing with food
production.25
The properties of biodiesel produced from vegetable oil, animal fats, and
individual pure methyl esters have been described extensively,26 while FAME produced
from microbial sources has been characterized to a much lesser extent. A recent report
has concluded that biodiesel produced from the green algal strains Ankistrodesmus
braunii and Nannochloropsis sp. performs comparably to petroleum diesel fuel in a diesel
engine.27 However, the authors did not compare the performance of microalgal biodiesel
to commercially available and widely used biodiesel. It is also unknown how the
emissions of a diesel engine might change when using microbial derived fuels. Further,
not all microalgae are likely to perform identically given their large diversity in fatty acid
profiles. Few reports exist that discuss the properties of biodiesel fuel produced from
either yeast or bacteria and none to our knowledge that describe their performance in a
diesel engine.28–30 The lack of available data for biodiesel produced from microalgae has
lead researchers to speculate what properties these fuels might have based on the known
fatty acid profiles of several species of microalgae and the individual properties
possessed by the corresponding FAME.31–33
The performance and emissions of biodiesel fuels from many plant or animal
sources have been evaluated.8 Oleaginous microorganisms represent an underutilized
source of oils to produce biodiesel and could be significant in reducing our dependence
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on petroleum fuels. Therefore, it is important to establish the quality of biodiesel
produced from microbes. We report here the properties, engine performance, and
emissions for biodiesel produced from the microalgae Chaetoceros gracilis, the yeast
Cryptococcus curvatus, and the bacterium Rhodococcus opacus. Key physical properties
of each biodiesel fuel were determined and compared with commercial soybean
biodiesel. Each fuel was then used to operate a two cylinder indirect injection diesel
engine attached to an eddy current dynamometer. The horsepower and torque output
from the engine under load is reported for each microbial biofuel and compared to
outputs obtained with both diesel fuel and soybean biodiesel. Key emissions data were
collected for each biofuel without load at a steady 3500 rpm, allowing comparison to
emissions from petroleum diesel and soybean biodiesel.
EXPERIMENTAL SECTION
Materials and Reagents. Petroleum diesel No. 2 (abbreviated diesel #2) was
obtained from a local fuel distributor and was verified to be free of fatty acid methyl
esters by gas chromatography with detection by mass spectrometry as described below.
Soybean biodiesel (B100) was used as the biodiesel reference fuel for this study and was
kindly provided by Dal Soglio, Inc. (Midvale, UT). Reagent grade chemicals were used
for the conversion of microbial lipids to biodiesel. Methanol was obtained from PharmcoAAPER (Brookfield, CT) and concentrated sulfuric acid was obtained from EMD
Chemicals (Gibbstown, NJ). Chloroform used in the purification of microbial FAME
was obtained from Fisher Chemicals (Fairlawn, NJ).
Strains and culture conditions. The microalgae Chaetoceros gracilis
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(UTEX# LB 2658), a diatom, was obtained from The Culture Collection of Algae at the
University of Texas at Austin (UTEX). C gracilis was grown as described previously15
with a modification of the method for inoculating the larger raceway culture. Larger
raceway cultures (220 L), initially containing 100 L of media, were inoculated with 10 L
of dense (~500 mg dry weight (DW) L−1) C. gracilis culture. Raceways (Separation
Engineering, Escondido, CA) were constructed of fiberglass and were mixed with an
attached paddle wheel. The raceways were equipped to maintain a constant pH by the
introduction of CO2. After the initial raceway culture had reached an approximate density
of 0.5 g DW L−1, additional media was added to bring the total volume of the culture up
to 220 L. C. gracilis cultures were grown in either batch or sequential batch mode. In
both modes the culture was harvested once the density reached an approximate value of
0.8-1 g DW L−1. In batch mode the total culture volume was collected by centrifugation
using a continuous centrifuge (LE model, CEPA, Lahr, Germany). For sequential batch
mode operated cultures, ~70% of the culture was harvested, leaving the rest as an
inoculum. Fresh media was then added to remaining culture, starting the process over.
Sequential batch cultures were operated for 2-3 cycles. Collected algal biomass was
immediately frozen then dried by lyophilization (Freezone 4.5, Labconco, Kansas City,
MO).
The yeast Cryptococcus curvatus (ATCC# 20509) was obtained from the
American Type Culture Collection (ATCC, Manassas, VA). C. curvatus was preserved
at -80°C in YPD34 media with 20% (% v/v) glycerol and generally cultured on YPD
media. Growths for lipid accumulation were performed in a 50 L fermenter with an
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aeration rate of 3 standard cubic feet per minute (SCFM) at a temperature of 30°C using
media described previously.35 The fermenter agitator consisted of 3 marine blades
rotating at 225 rpm. Culture was inoculated with an overnight culture equal to 5 % of the
fermenter volume and allowed to grow for 5 days. Cells were collected by
centrifugation, frozen, and then lyophilized.
The bacterium Rhodococcus opacus PD630 (DSM# 44193) was obtained from
the German Collection of Microorganisms and Cell Cultures (DSMZ, Braunschweig,
Germany) and maintained as instructed by DSMZ. Cultures were grown on defined
phosphate media adapted from Kurosawa et. al and Chartrain et al.30,36 Growths for lipid
production were initiated with a 10% (% v/v) starting inoculum at an OD660 of 0.4 and
were supplemented with either 6.43 g L−1 or 9.65 g L−1 sodium nitrate and 80 g L−1 or
120 g L−1 sucrose, respectively. It was found that successful growths depended highly on
the dissolved oxygen content, which became limited in growths with larger amounts of
sucrose due to the greater oxygen demand of higher cell densities. Although growths of
R. opacus generated excessive amounts of foam, addition of antifoam was found to be
deleterious to growth and was omitted. Growths reached maximum lipid and biomass
production after 120 hours. Large-scale growths were performed in a 50 L fermenter as
described above for C. curvatus with increased agitation (700 rpm) and the addition of a
secondary containment vessel to capture the excess foam produced from the growths.
Biodiesel production from microbial biomass. Microbial lipids are
extracted and converted to biodiesel using a direct transesterification approach developed
at Utah State University.15 Biodiesel production from yeast, bacteria, or microalgae was
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initiated by the addition of 0.5 to 1 kg of dried microbial biomass to methanol containing
2% (% v/v) H2SO4 at a ratio of 20 L of methanol for every kg of biomass. Reactions
were carried out in a 20 L pilot reactor (Chemglass Scientific, Vineland, NJ) maintained
at 62°C for 6 hours with continuous overhead stirring at 400 rpm. Once the
transesterification reaction was complete, the residual biomass was removed by vacuum
filtration and methanol filtrate was returned to the reactor. The residual biomass was
then washed with chloroform equal to 10% (% v/v) of the reaction volume to recover
residual FAME. The chloroform filtrate was then mixed with the filtered methanol in the
20 L reactor and then water equivalent to the initial methanol volume was added to force
a phase separation. The methanol/water/chloroform mixture was allowed to separate into
a lower organic (chloroform and biodiesel) and an upper aqueous (methanol, H2SO4, and
water) phase. The bottom organic layer, containing the crude biodiesel was then
removed for further processing. The chloroform was removed from the organic phase
through distillation by heating the solution to a temperature of 65°C. Residual vapors
were subsequently removed by blowing air across the crude biodiesel. The FAME was
recovered from the crude mixture by utilizing vacuum distillation. The crude FAME was
heated to a temperature of 180°C in the process. The vacuum was generated by a rotary
vane pump (Adixen Pascal 2005SD, Pfeiffer Vacuum, Milpitas, CA). A glass cold trap
immersed in a dry ice-ethanol bath was placed between the distillation apparatus and the
vacuum pump to prevent solvent from reaching the vacuum pump. The reaction vessel
was allowed to cool before removing the vacuum to prevent combustion of FAME as the
reaction vessel was heated above the autoignition temperature of biodiesel (177°C).
Purity of each fuel was verified by gas chromatography as described previously.15
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Fuel properties. The energy density of each fuel type was measured in
triplicate using a combustion calorimeter (C 2000 basic version 1, IKA, Wilmington,
NC). The calorimeter was operated in isoperibolic mode with the initial temperature set
at 25°C. Benzoic acid was used for decomposition vessel calibration. For each test,
approximately 500 mg of liquid fuel was combusted with oxygen at 435 pounds per
square inch (psi) in a quartz crucible placed inside the decomposition vessel. Fuel
density was determined using a handheld digital (Densito 30 Px, Mettler Toledo,
Columbus, OH) density meter according to standard methods (ASTM D4052). Densities
recorded at room temperature were converted to density at 15°C using the method of
Lapuerta et al.37 Kinematic viscosity measurements were made according to standard
methods (ASTM D445) using a Cannon-Fenske viscometer (Cannon Instrument
Company, State College, PA). Biodiesel cetane index values were calculated according
to Lapuerta et al.37
Compositional analysis of fuels. The fatty acid composition of each fuel was
determined by GC/MS analysis, using a gas chromatograph (model 2010, Shimadzu
Scientific, Columbia, MD) equipped with a programmable temperature vaporizer (PTV),
split/splitless injector, flame ionization detector (FID), mass spectrometer (MS)(GCMSQP2010S, Shimadzu Scientific, Columbia, MD), and auto-sampler. Samples were
prepared by diluting ~20 mg of the final biodiesel product from each source with
chloroform to a final biodiesel content of ~1 mg mL−1. One μL of each sample was
injected into the split/splitless injector set to a split ratio of 1:2. Analytes were separated
using a stabilwax column (30 m, 0.25 mm ID, and 0.10 μm film thickness, Restek,
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Belafonte, PA) and detected using a quadrupole mass spectrometer (GCMS-QP2010S,
Shimadzu Scientific, Columbia, MD) set to maintain an interface and ion source
temperature of 240°C and 200°C respectively. Helium was used as the carrier gas set to a
constant velocity of 50 cm s−1. The injector temperature was set at 235°C and the column
was initially set at a temperature of 100°C for 1 min then increased to a temperature of
235°C at a rate of 10°C min−1 then held at this temperature for 10 min. The mass
spectrometer scanned a mass range of 35 to 900 m/z at a rate of 2000 scans s−1. Each
individual fatty acid methyl ester (FAME) was identified by comparing the retention
times of resolved compounds with that of FAME standards and by comparing the mass
fragment pattern of each resolved peak to the National Institute of Standards and
Technology (NIST) 2005 mass spectral library (NIST, Gaithersburg, MD) using the
software GC/MS postrun analysis v2.3 (Shimadzu Scientific, Columbia, MD). FAME
standards used included methyl myristate, methyl palmitate, methyl palmitoleate, and
methyl oleate (Nu-Chek Prep, Inc., Elysian, MN).
Engine setup. Tests were performed with a naturally aspirated indirect
injection combustion ignition engine (Kubota Z482-ES04, Lincolnshire, IL) controlled
with an autostart module (DSE 4110, Deep Sea Electronics, North Yorkshire, England).
The fuel and starting system are controlled using an externally switched dual coil
solenoid (SE-3204, Woodward, Niles, IL). Power from the engine is transferred using a
power take-off (PTO) with 6.5 in. high efficiency (HE) clutches (North American Clutch
& Driveline, Rockford, IL). Load application is accomplished using an electronically
controlled (eddy control 96-DC at 120-AC, Land & Sea, Concord, NH) eddy current type
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absorber (#20-96V, Land & Sea, Concord, NH). A load cell was used to measure the load
application (LC703-300, Omegadyne, Sunbury, OH). Engine speed measurements were
made using a remote optical sensor (ROS-P, Monarch Instruments, Amherst, NH). Fuel
flow rate was measured using an ultrasonic flow meter (Atrato Ultrasonic 710, JLC
International, New Britain, PA). Environmental conditions were monitored throughout
the engine tests to allow for correction to SAE J1349 standards (dyno weather station,
Land & Sea, Concord, NH). Ambient temperature readings were made using a thermistor
(ST-100, Apogee Instruments, Logan, UT). K-type thermocouples were used to monitor
exhaust gas temperatures (#430-440, Land & Sea, Concord, NH) and engine oil
temperature (HSTC-TT-K-24S-36, Omega, Stamford, CT). Engine coolant temperature
was measured using an engine temperature thermistor (#430-457, Land & Sea, Concord,
NH). Surface temperatures of the engine block and eddy current brake were measured
using infrared radiometers (S1-121, Apogee Instruments, Logan, UT) paired with a data
logger (CR1000, Campbell Scientific, Logan, UT). The data logger was controlled using
software developed for use with the CR1000 (Loggernet 4.1, Campbell Scientific, Logan,
UT). All measurements were captured and recorded using the “Pro” full function 28
channel harness (Land & Sea, Concord, NH). Dyno runs were controlled, recorded, and
reported using the DYNO-MAX 2010 version 10.15 software (Land & Sea, Concord,
NH). Summary of engine specifications are given in Table C-S1.
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Table C-S1: Engine Specifications
engine model

Kubota Z482-ES04

number of cylinders

2

engine type

Indirect injection naturally aspirated 4stroke diesel, liquid-cooled

displacement

29.23 in3

bore

2.64 in

stroke

2.68 in

compression ratio

23.5:1

fuel injection type

Nozzle

injection pressure

1991 psi

injection timing

20° BTDC

continuous rated output 10.8 hp SAE (7.9 kW)
rated speed

3600 rpm

dynamometer type and

eddy current absorber (#20 96V, Land &

model

Sea, Inc.)

controller

eddy control 96-DC

control program

Dyno-max 2010 version 10.15

Engine test procedure. The engine was started and idled (1300 rpm) for 3
minutes and the throttle was then increased to 3500 rpm and run for 1 minute. The eddy
current brake (ECB) was conditioned by applying a 25% load for 10 seconds, and then
disengaged and the engine returned to idle. At five minutes total run time, the engine was
turned off and allowed to heat soak. The pre-test conditioning was performed to minimize
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variability due to engine conditions for each fuel being tested. Prior to each test the
engine oil and oil filter were changed and replaced with fresh 10W-30 oil pre-heated to
85°F. Testing of the fuels took place once the ECB reached 5°F above room temperature.
The surface temperature of both the engine block and the ECB were monitored to within
0.2°C with an infrared radiometer (Apogee Instruments, Logan, UT). To begin each test,
the engine was first started and idled for 30 seconds. The throttle was then increased to
full (3800 rpm) and run for an additional 30 seconds. An electronically-controlled downsweep load was then applied to the engine via the ECB to load the engine from 3800 rpm
down to 2450 rpm at a rate of 150 rpm s−1. For each fuel, the test procedure was
performed in triplicate. After each run, the engine was brought immediately to an idle
(1300 rpm) and turned off. The ECB and engine were allowed to cool until they reached
the initial temperature of the previous run. Data presented represents the average of the
three runs of each fuel. Data were corrected to SAE J1349 standards (85% mechanical
efficiency, 77°F inlet air temperature, 29.38 in Hg at 32°F, and dry air) by the
dynamometer software (DYNO-MAX 2010, Land & Sea, Concord, NH). Upon
completion of triplicate engine performance tests, emissions data for each fuel was
collected by operating the engine without load at 3500 rpm for 3 min, using a 5-gas
analyzer (CO2, CO, NOx, unburned hydrocarbon, and O2) (emissions analyzer part no.
5002-5, Land & Sea, Concord, NH). Reported data was obtained by averaging an
identical 60 s interval for each exhaust gas and fuel where the gas composition had
reached steady state. Prior to conducting engine performance and emissions tests for the
next fuel, the engine oil and oil filter were changed as described above and the fuel
delivery system was completely evacuated and cleaned with isopropanol. The fuel
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system was then refilled with the new fuel and bled to remove all air. This was done to
ensure tests were performed using only the fuel to be tested. The engine test method was
then repeated for each subsequent fuel.
RESULTS
Molecular properties of biodiesel fuels. The fatty acid composition of each
biodiesel fuel was determined by GC/MS analysis (Table D5-S1, APPENDIX D). The
results of this compositional analysis are summarized in Table C-S2. Each fuel is
described according to the proportion of fatty acids of a given carbon chain length and
the degree to which the fuel consists of unsaturated fatty acids. The notation Cxx (e.g.
C14) is used to represent individual fatty acid groups where “C” refers to carbon and
“xx” specifies the number of carbon atoms.
Consistent with previous reports of soybean biodiesel,26,38 88% of FAMEs are
derived from C18 fatty acids. The majority (85%) of the soybean FAME exists as
unsaturated FAME, where 24% contains a single double bond (monounsaturated) and
61% contains more than one (polyunsaturated). The most prominent FAME found in
soybean biodiesel is methyl linoleate (C18:2, 54%, Table D5-S1, APPENDIX D). In
terms of the fatty acid chain length, biodiesel obtained from the yeast C. curvatus was
found to be the most similar to soybean biodiesel with 83% of FAME being derived from
C18 fatty acids. Yeast biodiesel differs significantly, however, from the soybean fuel as
to its degree of unsaturation (66% of FAME). Yeast biodiesel is composed primarily of
methyl oleate (C18:1, 60%) and is almost exclusively monounsaturated (60%),
containing only 6% polyunsaturated FAME. Biodiesel produced from the microalga C.
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Table C-S2: Fatty acid composition of biodiesel fuels
Fatty Acid Chain Length

Degree of Unsaturation (% of
total fatty acids)b

(% of Total Fatty Acids)a

Biodiesel Fuel

Mono +
C14

C15

C16

C17

C18

C20

Mono

Poly
Poly

Soybean G. max

0

0

11

0

88

<1

24

61

85

Yeast C. curvatus

0

0

16

0

83

<1

60

6

66

Bacteria R. opacus

2

5

43

22

27

0

51

0

51

Microalgae C. gracilis

10

<1

72

0

11

6

34

28

62

a

The fatty acid composition of each biodiesel is categorized as the % of the total fatty acids with a given number

of carbon atoms, where Cxx notation represents the carbon (C) chain length (xx). The complete fatty acid
composition of each biodiesel fuel can be found in supplementary Table 1.
b

Percent of the total fatty acids that are monounsaturated and polyunsaturated.

gracilis differed substantially from the other fuels. Microalgae biodiesel contained a
significant amount of shorter chain FAME derived from myristic acid (C14:0, 10%).
FAME derived from C16 fatty acids (72%) were the most common component of
microalgae biodiesel, differing significantly from soybean and the other microbial fuels.
The amount of unsaturated FAME (62%) in microalgae biodiesel was less than both the
yeast and soybean biodiesels but greater than the bacterial biodiesel. Unlike each of the
other biodiesel fuels, microalgae biodiesel contained nearly equivalent amounts of
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monounsaturated and polyunsaturated fatty acids (34% and 28%, respectively). The
other biodiesel fuels contained a majority of either polyunsaturated or monounsaturated
FAME. The biodiesel produced from the bacterium R. opacus was the only other fuel to
contain shorter chain fatty acids (14 or fewer carbon atoms) although in much lower
quantities. Bacterial biodiesel was also the most diverse in terms of carbon chain length,
containing a significant amount of FAME derived from C16 (43%), C17 (22%), and C18
(27%) fatty acids. Bacterial biodiesel also contained the least amount of unsaturated
FAME (51%), all of which was monounsaturated. The bacterial biodiesel was also found
to differ substantially in its molecular structure from the other fuels. GC/MS analysis of
the bacterial biodiesel revealed several compounds that correlated well with fatty acids
modified by either methylation or hydroxylation (Table D5-S1, APPENDIX D).
Additional analysis will be required to definitively identity each of these unusual FAME
molecules.
Physical properties of biodiesel fuels. The biodiesel industry has well
defined standards used to certify biodiesel fuels for commercial sale. The standards, set
by ASTM International, look at all aspects of the fuel that might be important for
commercial resale and may not necessarily relate to the performance of the fuel in an
engine. In order to describe the physical properties of the fuels most related to
combustion, we chose a reasonable subset of the ASTM standards that describe the
energy content of the fuel, its density, viscosity, and biodiesel cetane index (Table C-S3).
Density of the biodiesel fuels ranged from 0.876 g cm−3 for yeast at the low end to 0.895
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Table C-S3: Properties of fuels
Fuel Properties

Fuel

Density at

Kinematic

(15)°C

viscosity at

Heating value

40°C (mm2

(kJ g−1)

(g cm−3)d

s−1)

Volumetric

Cetane Number

energy density
−3

(kJ cm )

(minimum
value)

Biodiesel
Cetane
Indexf

Petroleum diesel
ASTM standard

1.9 – 4.1

(D975)
No. 2 (This study)a

40

0.818e

2.1 (±0.06)

46.10 (±0.036)

0.86 – 0.90

1.9 – 6.0

NA

0.884

3.9 (±0.1)

39.97 (±0.093)

35.3

54

0.885

3.4 (±0.06)

39.51 (±0.006)

35.0

51

0.876

4.5 (±0.1)

39.33 (±0.289)

34.5

67

0.895

4.1 (±0.05)

37.31 (±0.252)

33.4

41

37.7

Biodiesel
ASTM standard
(D6751)

47

Soybeanb
Gycine max
Microalgae
C. gracilisc
Yeast
C. curvatusc
Bacteria
R. opacusc
a

Petroleum diesel number 2 obtained from a local fuel distributor, verified to not contain fatty acid methyl esters by GC/MS analysis.

b

Commercially available soybean biodiesel obtained from a local distributor, used as unblended B100.

c

Biodiesel obtained by the direct transesterification of the respective organisms.

d

Density values are the result of two independent measurements measured at according to ASTM D4052 as described in materials
and methods. Density values obtained by direct measurement were converted to density at 15°C according to Lapuerta et al. 2010.
Although each independent measurement was identical for each fuel the method has an accuracy of ±0.001 g cm −3.
e

Density of petroleum diesel was measured at 19.2°C.

f

Biodiesel cetane index calculated according to Lapuerta et al. 2010.
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g cm−3 for bacterial biodiesel at the upper end, within the range specified by ASTM for
biodiesel (0.86 to 0.90 g cm-3). Microalgae and soybean biodiesel fuels were found to
have densities (0.885 g cm−3 and 0.884 g cm−3, respectively) in the middle of this range.
The biodiesel standard (ASTM D6751) specifies that the kinematic viscosity for biodiesel
fuels must fall within the range of 1.9-6.0 mm2 s−1. All fuels tested here were within the
acceptable range for kinematic viscosity. Microalgae biodiesel had the lowest measured
kinematic viscosity of any of the biofuels in this study at 3.4 mm2 s−1 and yeast biodiesel
measured the highest at 4.5 mm2 s−1. An important parameter for the quality of a fuel is
its energy density, expressed as the heating value (kJ g−1) of the fuel. Fuels with a higher
energy density can accomplish more work than an equal amount of lower energy density
fuels. Soybean biodiesel had the highest heating value (39.97 kJ g−1) of the biodiesel
fuels tested, although it was substantially lower (13%) than diesel #2 (46.10 kJ g−1).
Biodiesel from both microalgae and yeast were found to have heating values slightly less
than soybean biodiesel (39.51 and 39.33 kJ g−1, respectively). The bacterial biodiesel
heating value (37.31 kJ g−1) is significantly lower than soybean biodiesel and the other
two microbial biodiesel fuels. A biodiesel cetane index (BCI) developed by Lapuerta et
al.37 relating the density of fatty acid ester fuels with their cetane number was used to
predict the biodiesel cetane number of each biofuel used in this study. The density of
these fuels is influenced by both the chain length and degree of unsaturation of its
constituent fatty acids.37 Biodiesel produced from the yeast C. curvatus had the highest
BCI, followed by soybean and microalgae biodiesel with BCI of 54 and 51, respectively.
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The bacterial biodiesel had the lowest BCI (41). Although this is lower than the cetane
number limit minimum of 47 specified by ASTM D6751, it should be noted that the
bacterial biodiesel contains a substantial amount of branched-chain fatty acids as well as
a small amount of hydroxylated fatty acids. The biodiesel cetane index is based on
straight-chain fatty acid esters and may not accurately predict the cetane number of a fuel
that contains a large proportion of branched-chain fatty acids. Therefore the predicted
cetane number for bacterial biodiesel might not explain differences found in its
performance or emissions from the other fuels.
9.0
6.5

6.0

8.0

kW

Power (Hp)

8.5

7.5
5.5

Diesel No. 2
Soybean
Algae
Bacteria
Yeast

7.0

6.5
2200

2500

2800

3100

3400

3700

5.0
4000

Engine Speed (rpm)

Figure C-S1: Diesel engine power output. The power output (horsepower or kW)
is shown as a function of engine speed (rpm) for diesel no. 2, soybean biodiesel, and
the three microbial biofuels. Run conditions are described in the Materials and
Methods.

Performance of biodiesel fuels in a diesel engine. The comparison of the
performance of an engine operated with an alternative fuel is an important tool in
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evaluating the potential of the fuel to replace the traditional fossil fuel. Using engines
equipped with measurement instrumentation such as dynamometers, soybean biodiesel
has been established as a suitable replacement for diesel #2.39–41 Here, microbial
biodiesel, prepared from oleaginous yeast, bacteria, and microalgae, were tested in a
diesel engine coupled to a dynamometer and the performance output for each microbial
fuel was compared to that achieved with both soybean biodiesel and diesel #2. The
specifications for the engine setup are summarized in Table C-S1. For this engine, peak
horsepower for each fuel was achieved at 3500 rpm (Figure C-S1). The highest power
output (8.5 hp) of all fuels tested was achieved with diesel #2. Soybean biodiesel
registered a power output of 8.2 hp, 96.5% of the value obtained for diesel #2. Of the
microbial fuels tested, bacterial biodiesel had the lowest power output at 7.8 hp, still
producing 92% and 95% of the output achieved with diesel no. 2 and soybean biodiesel,
respectively. Power output for the engine operated with both yeast and microalgae
biodiesel was similar for each fuel achieving 93% and 96% of outputs for diesel #2 and
soybean biodiesel, respectively. The power output observed was relatively high for the
biodiesel fuels given their lower heating value. Less of a difference was observed in the
torque output between the traditional fossil fuel and the alternative biodiesel fuels
(Figure C-S2). A similar trend in the torque output is visible with diesel #2 consistently
producing the highest torque throughout the rpm range, followed by soybean, yeast,
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Figure C-S2: Diesel engine torque output. The torque (ft-pounds or N-m) is
shown as a function of the engine speed (rpm) for the tested fuels.
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Figure C-S3: Engine exhaust gas temperature. The engine exhaust gas
temperature (°F or °C) is shown as a function of engine speed (rpm) for the
tested fuels.
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Figure C-S4. Brake specific fuel consumption. The brake specific fuel
consumption (BSFC; Lb/Hp/h or g/MJ) is shown as a function of engine speed
(rpm) for the tested fuels.
microalgae, and bacterial biodiesel in order of decreasing torque output. Exhaust
gastemperature data were collected for each fuel throughout the operation of the engine
with each fuel (Figure C-S3). Exhaust gas temperatures were highest for diesel no. 2,
followed by soybean, microalgae, yeast, and bacteria (in order of decreasing
temperatures). BSFC for each fuel was calculated continuously throughout the test
procedure (Figure C-S4). The biofuels showed higher BSFC across the rpm range of the
test compared to diesel #2, which is consistent with their lower energy content. Very
small differences in BSFC between the biodiesel fuels were observed.
Comparison of emissions of microbial biodiesel to soybean biodiesel and
petroleum diesel. After the collection of engine performance data, the engine was
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allowed operate at 3500 rpm with no load applied for the collection of emissions data.
Emissions data was collected without applying a load due to equipment limitation. The
air-cooled ECB rapidly overheated during the steady state load applications required for
collecting emissions data. Data were collected for CO2, CO, unburned hydrocarbons
(HC), NOx, and O2 for 3 min and the data from an identical 60 s interval where
concentrations of exhaust gas had reached steady state were averaged and are reported in
Table C-S4. Raw data from exhaust emissions experiments are displayed in Figure D5S1 (APPENDIX D). Diesel #2 had slightly lower CO2 emissions than the four biodiesel
fuels. All biodiesel fuels were found to produce significantly lower CO emissions
compared to diesel #2. The yeast and bacterial biodiesel fuels produced less than half the
CO (0.05% of total exhaust gas) observed for the diesel #2 and 30% less than soybean
biodiesel. Microalgae biodiesel had the highest CO emissions of all the biodiesels tested,
but it was still 17% lower than diesel #2. Consistent with other reports,42 Diesel #2 had
the highest HC emissions of all the fuels tested and there were significant differences
found among the biodiesel fuels tested. Biodiesel produced from yeast and bacteria had
the lowest HC emissions, registering 59% and 65% less than diesel #2, respectively.
Microalgae biodiesel produced the highest HC emissions of the biofuels tested, but was
still 30% lower than diesel #2 levels. Biodiesel has long been associated with higher NOx
emissions than diesel #2.42 However, we observed significant variation in the NOx output
among the biodiesel fuels tested. Bacterial biodiesel recorded NOx emissions that were
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Table C-S4: Emissions for biodiesel fuels and petroleum diesel

Emission Parametersa

Fuel

CO2 (%)

CO (%)

HC (ppm)

NOx (ppm)

O2 (%)

3.700 (±0.000)

0.109 (±0.006)

28.96 (±1.08)

25.71 (±1.302)

15.3 (±0.000)

Soybean G. maxc

3.881 (±0.000)

0.077 (±0.005)

17.38 (±0.59)

31.67 (±1.433)

15.4 (±0.000)

Yeast C. curvatus

3.800 (±0.000)

0.048 (±0.004)

11.86 (±0.48)

39.67 (±1.394)

15.6 (±0.040)

Bacteria R. opacus

3.891 (±0.032)

0.050 (±0.000)

9.87 (±0.49)

46.76 (±1.283)

15.5 (±0.000)

Microalgae C. gracilis

3.797 (±0.016)

0.090 (±0.006)

19.75 (±0.94)

21.87 (±1.817)

15.6 (±0.000)

Petroleum Diesel #2b

Biodiesel

a

Emissions data is represented as either parts per million (ppm) or a percentage of the total gas.

b

Petroleum diesel #2 was obtained from a local fuel distributor. The absence of fatty acid methyl ester in this fuel was

verified by GC/MS.

c

Soybean biodiesel was obtained and used as unblended B100.

Emissions data was collected from a diesel engine operating at 3500 RPM for the duration of 60 seconds. The average
and standard deviation (±) of the data is shown.

81% higher than that observed for diesel #2. Soybean and yeast biodiesel also recorded
NOx emissions higher than petroleum diesel (9% and 37% higher, respectively).
Interestingly, microalgae biodiesel produced 24% lower NOx emissions than diesel #2.
DISCUSSION
Biodiesel (FAME) can be a renewable, low CO2-footprint replacement for
petroleum-derived diesel. The majority of biodiesel used today is derived from oil seed
crops, primarily soybeans in the US. A number of studies have established the functional
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properties of biodiesel derived from various sources to determine the potential to displace
petroleum diesel.39,40,43,44 Based on the volumetric energy density of biodiesel and diesel
fuels, power output for biodiesel is expected to be ~8% lower than for diesel #2, largely
due to the oxygen content of biodiesel. In practice the difference in power output can be
higher or lower, because of other factors. Brake specific fuel consumption, which is a
measurement of the rate of fuel consumption per power output, is increased for biodiesel
fuels compared to diesel #2 and is correlated with the oxygen content of the fuel. Most
biodiesel fuels are composed of only a few different compounds and thus their properties
are largely influenced by the fatty acid composition of the fuel, which is identical to that
of the parent oil (i.e. tryglyceride from feedstock oil). Affected physical properties may
include: density, cetane number, viscosity, heating value, and melting temperature.4 In
turn the physical properties of the fuel can influence the exhaust emissions and
performance of the engine.45
While biodiesel derived from plant seed oils have advantages as a replacement
for petroleum diesel, there is strong interest in the potential for biodiesel produced from
microbial derived oils because of potential use of contaminated water, the diversity of
oils that can be produced, use of marginal lands, and potential for higher oil yields per
acre. Three different groups of microbes are known to produce high neutral oils
including select microalgae, bacteria, and yeast. Here, we have selected a representative
from each of these three groups, produced biodiesel and have characterized the properties
of the fuels in comparison to biodiesel produced from plant oils.
Plant based oils, commonly used to produce biodiesel (e.g. soybean, canola,
and sunflower) are similar to one another in terms of fatty acid composition, containing
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primarily C16 and C18 fatty acids with varying degrees of unsaturation.17 Microbial oils,
however, can differ substantially and may contain uncommon fatty acids that differ in
both chain length and structure.17,46 Each of the microbial sources of oil chosen for this
study differ in one way or another from soybean oil, a common feedstock for biodiesel
production. Biodiesel obtained from the microalga C. gracilis, contains a substantial
amount of C16:1 (palmitoleic) methyl ester and C14:0 (myristic) methyl ester, both rarely
found in plant oils. The presence of both fatty acids has been shown to be beneficial to
biodiesel fuels by improving oxidative stability without sacrificing cold flow
performance in the case of palmitoleic acid45 and improved NOx emissions in the case of
shorter chain fatty acids like myristic acid.47 The biodiesel obtained from the bacteria R.
opacus oil differs from plant oils in both the distribution and structure of fatty acids. The
bacterial oil contains smaller chain fatty acids as well as fatty acids that are modified by
hydroxylation or methylation. Studies examining the effect of branching in the alcohol
portion of the ester indicate that this aids cold flow properties4 without negatively
affecting emissions. The study showed no increase in NOx emissions from isopropyl
esters compared to methyl esters.48 Hydroxylated fatty acids can cause biodiesel fuels to
have higher viscosity, but the proportion of this unusual fatty acid in the R. opacus oil is
not high enough to significantly affect viscosity.45 Biodiesel from the yeast C. curvatus,
like plant oil, contains predominantly C16 and C18 fatty acids but lacks the
polyunsaturated fatty acids commonly found in plant oils. The high amount of oleic acid
in this oil should be advantageous for oxidative stability without greatly affecting cold
flow properties.45 Given the influence that fatty acid composition has on the performance
of a biodiesel fuel, it is important to determine the physical properties of the biodiesel
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from the selected organisms and evaluate their performance using a dynamometer
coupled to a diesel engine to determine the viability of using oleaginous microorganisms
as feedstock for biofuel production.
Selected physical properties of the three microbial fuels in this study were
found to be comparable to soybean biodiesel (Table C-S2) and are within ASTM (ASTM
D6751) specification. A significant liability of biofuels is their higher oxygen content
relative to fossil fuels, which contributes to lower energy density and higher BSFC. As
expected, the heating value per unit mass of each biodiesel fuel was lower than that of
petroleum diesel (on average 15%). However, the difference in volumetric energy
density of the biodiesel fuels compared to petroleum diesel #2 reduces the difference in
energy density on a per unit volume basis to 6% for soybean, 7% for microalgae, 8% for
yeast, and 11% for bacteria. The difference in energy density was apparent in the power
and torque outputs generated by diesel and biodiesel fuels. Soybean biodiesel had a
power output 3% less than that of diesel #2, instead of the expected 6.3% reduction in
power anticipated from its volumetric energy. Microalgae and yeast biodiesel fuels had
power outputs (~ 6% lower than petroleum) that were much closer to the expected power
production based on the difference in volumetric energy density (kJ cm−3) for the
microbial biodiesel fuels and diesel #2 (7.3% and 8.6%, respectively). The bacterial
biodiesel fuel had the lowest energy density of the fuels tested (37.31 kJ g−1; 33.4 kJ
cm−3), 6.7% lower than soybean biodiesel on a mass basis and 5.5% lower on a volume
basis. The power output of this fuel was 5% lower than what was achieved with soybean
biodiesel, which is consistent with the volumetric energy density. Ultimately the power
generated by each fuel is directly correlated to the volumetric energy density of the fuel.
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Fuels with greater energy density, such as diesel #2, had a higher power output than less
energy dense fuels (e.g. bacterial biodiesel). Microbial biodiesel fuels generated power
close to what would be predicted based on their difference in energy density relative to
diesel #2. The observed torque output for each fuel followed a similar trend with the
most energy dense fuels achieving the highest torque output and the least energy dense
fuels producing the least amount of torque. The power and torque output of biodiesel
produced from oleaginous microbes indicate the ability of these fuels to operate as
effectively as soybean biodiesel. Brake specific fuel consumption was calculated for
each fuel. As expected, due to the oxygen content of the biofuels, the BSFC of each
biodiesel fuel was significantly higher than that of diesel #2. The BSFC curve (Figure
C-S3) for each biodiesel fuel was similarly shaped and no clear difference is apparent
among the four biodiesel fuels tested. The performance indicators presented here
indicate that oleaginous microbes would be effective alternative feedstocks to be used in
place of more traditional oils.
An important advantage of using biodiesel in place of diesel #2 is improved
emissions. Biodiesel has been shown to reduce many emissions, including CO and
unburned hydrocarbons (HC).49 It has been generally observed, however, that biodiesel
increases emissions for NOx relative to diesel #2.49 Emissions data (Table C-S4) was
collected for each of the fuels tested here including CO2, CO, and O2 as percentages of
total gas and HC and NOx as parts per million (ppm). Emission of CO2 increased for
each biodiesel fuel with respect to diesel #2 indicating improved combustion due to the
biofuels’ oxygen content. CO emissions were reduced by more than half for the
microbial biodiesel fuels compared to petroleum diesel. Hydrocarbon emissions were
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also substantially reduced for each biodiesel fuel relative to diesel #2 with yeast biodiesel
registering the lowest value (9.87 ppm), nearly two-thirds lower than that for diesel #2.
NOx emissions for soybean, yeast, and bacterial biodiesel were higher than the measured
levels for diesel #2, as expected. Surprisingly, however, NOx emissions for algae
biodiesel were lower than for diesel #2.
Emulsions of water and biodiesel have been shown to reduce NOx emissions
relative to biodiesel alone, where 5-10% water had a significant effect on emissions.50
The water content of each fuel used in this study was measured by Karl Fischer titration.
The European biodiesel standard (EN 14214) specifies that biodiesel should have a water
content no greater than 500 ppm. Both commercial soybean biodiesel (580 ppm) and
microalgae biodiesel (585 ppm) had water contents just slightly above the 500 ppm
standard, whereas the water content of biodiesel fuels from yeast (362 ppm) and bacteria
(448 ppm) were slightly below the standard. Given that the water content for all of the
fuels was extremely low and similar, it is unlikely that the water could account for the
differences observed in NOx emissions between the fuels.
Fatty acid composition of a biodiesel fuel has a large effect on NOx emissions.
McCormick et al. found that NOx emissions increased with increasing fuel density and
with increasing amount of unsaturated fatty acids.6 A study conducted with high oleic
acid soybean biodiesel led to lower NOx emissions relative to regular soybean biodiesel
indicating that fewer polyunsaturated fatty acids contributed to the improvement.38
Additional studies have found that oils containing less polyunsaturated fatty acids, such
as palm or coconut oil, have lower NOx emissions than soybean biodiesel.39,40,51,52 Using
neat methyl esters, Knothe et al. determined that unsaturated fatty acids as well as those
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with longer chain length (> C16) can increase NOx emissions.47 The low prevalence of
polyunsaturated fatty acids and the predominance of shorter chain length fatty acids
present in C. gracilis oil (Table C-S1) likely contribute to its low NOx emissions.
In summary, the performance data presented here indicate that biodiesel
derived from oleaginous microbes can be effective fuels to displace both petroleum diesel
and biodiesel produced from plant oils. Microbial biodiesel fuels prepared from yeast,
bacteria, and microalgae were found to generate similar amounts of power and torque
when compared to soybean biodiesel and do not show an increase in BSFC relative to
soybean biodiesel. Hydrocarbon and CO emissions are reduced from diesel #2 levels for
all microbial and soybean biodiesel fuels. While NOx emissions are elevated relative to
diesel #2 in yeast, bacteria, and soybean biodiesel fuels, microalgae biodiesel fuel
generated NOx emissions that were significantly lower. This study demonstrates that
microbial-derived biodiesel shows comparable properties in the parameters tested to
soybean biodiesel. Future wide scale use of microbial oils as a source for biodiesel will
require advances in large scale cultivation, dewatering, and oil extraction.
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Table D-S1. Fatty acid composition of biodiesel fuels
% of Total Fatty Acids
Microalgae
Yeast
Bacteria
Soybean
FAMEa
G. max
C. gracilis
C. curvatus
R. opacus
C10:0
0.2
C10:1
< 0.1
C12:0
0.1
C13:0
0.0
C14:0
10.3
1.9
C14:1
0.2
b
C14:0 CH3
0.2
C15:0
0.6
4.4
C15:1
0.5
b
C15:0 CH3
0.1
C16:0
11.0
26.8
15.3
33.9
C16:1
29.9
0.2
8.9
b
C16:0 CH3
5.4
b
C16:1 CH3
16.6
C16:2
6.9
C16:3
8.6
C18:0
3.9
0.5
18.0
3.0
C18:1
23.7
3.7
59.8
23.9
C18:0 OHc
0.1
b
C18:1 CH3
0.2
C18:2
53.9
2.2
5.3
C18:3
6.8
4.1
0.3
C19:1
0.6
C20:0
0.2
0.5
C20:1
0.2
C20:4
0.6
C20:5
5.8
C22:0
0.3
0.2
C24:0
0.4
a
fatty acid methyl ester.
b
GC/MS data is consistent with a terminally methylated fatty acid chain.
c
GC/MS data is consistent with a C18 hydroxylated fatty acid chain.
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Figure D-S1: Emissions output at 3500 rpm and no load. Emissions analyzer was
initialized prior to engine ignition resulting in the delay observed in the data collection.
At about 20 s into the experiment the engine was started and ramped to 3500 rpm and
held constant at this value during the course of the experiment (Panel A, dashed line).
There appeared to be about a 10 s lag between when the engine was started and when gas
emissions were first observed by the analyzer. The initial spike in each gas appears to
correspond with engine ignition. Five gases were measured simultaneously for each fuel:
Panel A, unburned hydrocarbons; Panel B, NOX emissions; Panel C, carbon monoxide;
Panel D, carbon dioxide; oxygen content of gas emissions was also measured (data not
displayed). An intermittent hardware malfunction with the emissions analyzer occurred
during microalgae biodiesel data acquisition, that caused no data to be collected during
each period of malfunction. A similar issue occurred, although to a lesser extent, during
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soybean biodiesel emissions data acquisition. Throughout the experiment 10 data points
were collected every second, resulting in over 2,000 data points for each experiment.
Data displayed in Table 4 was obtained by averaging data points during the same 60 s
interval where emissions values appeared to reach a steady state.
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